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Abstract 
 
 
 
 
 
1. Introduction 

Metal-mediated base pairs, which 
consist of ligand-bearing nucleotides 
and a bridging metal ion, have 
gained much attention as functional 
units of DNA-based supramolecules 
and nanoarchitectures1. For example, 
hydroxypyridone (H) nucleotides 
form a 2:1 complex with a CuII ion 
(H–CuII–H) in a DNA duplex2 and 
H–CuII–H base pairing was utilized 
for the DNA-templated CuII assembly3 and the control of DNA conductivity4. In spite of the great potential for 
metal-dependent regulation of DNA functions, metal-mediated unnatural base pairs have scarcely been applied to 
metal-responsive DNA materials. This is mainly because chemical synthesis of artificial ligand-bearing 
oligonucleotides is often cumbersome and time-consuming.  

Herein, I report efficient enzymatic methods to synthesize artificial DNA strands containing H nucleotides 
(Figure 1). Enzymatic reactions were expected to incorporate hydroxypyridone nucleoside triphosphate (dHTP) 
under mild conditions without any protecting group of the ligand moiety. I subsequently applied the enzymatic 
synthesis to develop CuII-responsive deoxyribozymes (DNAzymes). H nucleotides were incorporated into 
reported DNAzymes so that the formation of one H–CuII–H base pair can regulate their catalytic activities. 
 
2. Enzymatic synthesis of artificial ligand-bearing DNA strands 

Polymerase incorporation of dHTP was first investigated 
using a natural DNA template. I expected that unnatural H 
nucleotides can be introduced into the opposite site of 
natural nucleobases through misincorporation by a DNA 
polymerase. An exonuclease-deficient Klenow fragment 
(KF exo–) was found to incorporate one dHTP in a 
quantitative manner when the opposite base (X) was A or T. 

Next, the subsequent primer extension with natural 
nucleoside triphosphates (dNTPs) was examined to obtain a 
fully-elongated strand (Figure 2a). However, KF exo– 
hardly incorporated any dNTPs presumably due to the inhibition of primer elongation by the H–X mismatch. In 
contrast, a lesion bypass DNA polymerase, Dpo4 incorporated dNTPs after the H to afford a full-length product in 
over 90% yield. The product was characterized by MALDI-TOF mass spectrometry and an exonuclease-digestion 
experiment. This two-step primer extension allowed for the incorporation of a single H nucleotide into any 
sequences to afford H-containing DNA strands. 

The incorporation of multiple H nucleotides was also accomplished using a polymerase and a ligase (Figure 

 
Figure 1. Enzymatic synthesis of CuII-responsive DNAzymes through 
incorporation of hydroxypyridone (H) nucleotides. rA: adenosine ribonucleotide. 

 
Figure 2. Enzymatic synthesis of artificial DNA 
strands bearing H nucleotides utilizing a natural DNA 
template. (a) Two-step primer extension using two 
DNA polymerases. (b) Incorporation of multiple H 
nucleotides using a polymerase and a ligase.  
 



 ii 

2b). H nucleotides were appended to the 3′-ends of DNA strands by KF exo– and the H-bearing strands were 
subsequently connected through ligation by T4 DNA ligase.  

In addition, I investigated the enzymatic synthesis of DNA strands containing consecutive H nucleotides. 
Dpo4 polymerase was found to incorporate three consecutive H nucleotides with the aid of MnII ions as a cofactor. 
H-oligomers (e.g. 5′-GHHHC-3′) were also enzymatically incorporated into a DNA strand by T4 DNA ligase. 

These enzymatic methods enabled the incorporation of H nucleotides at prearranged internal positions without 
any protecting groups by using commercially available enzymes.      
 
3. Development of CuII-responsive split DNAzymes 

DNAzymes are catalytically 
active DNA molecules and 
applied to biosensors, logic 
gates, and molecular machines. 
Thus, regulation of DNAzyme 
activities by external stimuli is 
highly demanded for developing 
more sophisticated DNA-based 
systems.  

The first CuII-responsive 
DNAzyme was developed based 
on a split design. A known 
RNA-cleaving DNAzyme (E5 
DNAzyme5, Figure 3a) was 
divided into two strands, and H 
nucleotides were incorporated 
into its stem site. The split 
DNAzyme was expected to 
restore its catalytic activity upon 
addition of CuII ions through the 
formation of a H–CuII–H base pair (Figure 3b). I prepared 11 H-bearing DNA stands by the two-step primer 
extension (Figure 2a) to investigate the optimal position of the H–H pair. The CuII-dependent catalytic activity of 
each DNAzyme was evaluated with an equimolar substrate in the absence and in the presence of one equivalent of 
CuII ions. As a result, the highest on/off ratio (~5) was observed with a DNAzyme containing a H–H at the third 
position, which is referred to as “split H-DNAzyme”.  

The RNA-cleaving activity of the split H-DNAzyme was examined with 10 equivalents of the substrate 
(Figure 3c). The time-course analysis clarified that the split H-DNAzyme catalytically cleaved the substrate in the 
presence of CuII ions at the 5.5-times higher initial rate than that under the CuII-free condition. No substrate 
cleavage was observed with CuII ions but without any DNAzymes, which evidenced that the DNAzyme activity 
itself was enhanced by CuII.  

The metal specificity of the split H-DNAzyme was examined with 11 kinds of transition metal ions. Among 
them, only CuII ions enhanced the activity while the other ions had no effect on the RNA-cleaving reaction.  

The reversible regulation of the DNAzyme activity was demonstrated by the addition and removal of CuII ions. 
The addition CuII ions in the course of the reaction immediately increased the RNA-cleaving activity. When a 

 
Figure 3. Development of a split CuII-responsive DNAzyme (H-DNAzyme). (a) 
Original E5 RNA-cleaving DNAzyme. (b) Reversible CuII-dependent regulation of the 
DNAzyme activity by the formation of a H–CuII–H base pair. (c) RNA-cleaving activity 
of the split H-DNAzyme and the original E5 DNAzyme in the absence and in the 
presence of one equivalent of CuII ions. (d) Iterative switching of the activity of the 
H-DNAzyme by the alternate addition of one equivalent of CuII ions and a 
CuII-binding peptide (GHK). [DNAzyme] = 1.0 μM, [substrate] = 10 μM, [CuSO4] = 
1.0 μM in 10 mM HEPES (pH 7.0), 1 M NaCl, 10 mM MgCl2, 25 °C. N = 3. Error bars 
indicate standard errors. 
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CuII-binding peptide (GHK) was added as a chelator, the activity was immediately diminished to almost the same 
level as that in the absence of CuII ions. Moreover, the two-cycle switching of the DNAzyme activity was 
demonstrated by the alternate addition of CuII ions and the CuII-binding peptide (Figure 3d).  
 
4. Development of CuII-responsive single-stranded DNAzymes  

 
5. Multimetal-dependent regulation of DNAzyme activities  

Based on its high metal specificity, the split H-DNAzyme was applied to metal-dependent orthogonal 
regulation of DNAzyme activities using well-known HgII-mediated thymine base pairs (T–HgII–T) as well as H–
CuII–H (Figure 5a). A novel HgII-responsive DNAzyme (T-DNAzyme) was developed by introducing four T–T 
mismatches into E5 DNAzyme. The metal-dependent activation of H-DNAzyme and T-DNAzyme was examined 
with a mixture of both DNAzymes and their substrates. When one equivalent of CuII ions was added, the activity 
of H-DNAzyme was enhanced eight-fold while T-DNAzyme showed the same activity (Fig. 5b). On the other 
hand, the addition of HgII ions selectively increased the activity of T-DNAzyme. In the presence of both CuII and 
HgII ions, both DNAzymes were activated by two- to three-fold. Furthermore, the selective deactivation of the 
DNAzymes was also demonstrated by the removal of CuII or HgII ions using corresponding chelating agents. In 

第 4章 
本章については、５年以内に論文誌で刊行予定のため、非公開。 
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this way, the orthogonal regulation of the DNAzymes was achieved through the metal-specific formation of H–
CuII–H and T–HgII–T base pairs.  

A DNAzyme that responds to two metal ions was also developed through the incorporation H nucleotides into 
a reported AgI-dependent RNA-cleaving DNAzyme7. In the absence of AgI ions, no substrate cleavage was 
observed. The addition of only AgI ions but without CuII ions yielded little cleaved substrate. The activity of the 
modified DNAzyme was restored only when both CuII and AgI ions were added. Therefore, it displayed an 
AND-gate behavior using the two metal ions as inputs, which is applicable to DNA-based logic gates, multiplexer, 
and computing circuits.   

  
6. Conclusion 

In my doctorial study, I have established the enzymatic synthesis of artificial ligand-bearing DNA strands and 
developed CuII-responsive DNAzymes. Compared to the conventional chemical synthesis, the enzymatic methods 
allowed for the protection-free incorporation of hydroxypyridone (H) nucleotides without any specialized 
equipment. CuII-responsive DNAzymes were synthesized by the enzymatic incorporation of H nucleotides. 
Because CuII ions rarely interfere with natural nucleotides and selectively bind to H nucleotides, the rational 
designs of metal-responsive DNAzymes were accomplished. The RNA-cleaving activities of both split and 
single-stranded DNAzymes were reversibly regulated by the formation of one H–CuII–H base pair. Moreover, 
multimetal-dependent regulation of DNAzyme activities was also demonstrated. The CuII-responsive DNAzymes 
developed here will be utilized for the metal-triggered control of DNA-based molecular machines and logic gates.    

These facile enzymatic methods and design concepts would be applicable to other artificial ligand-bearing 
nucleotides. Accordingly, this study would provide a powerful tool to develop DNA materials that respond to 
diverse metal ions. 
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Figure 5. Orthogonal activation of a CuII-responsive H-DNAzyme and a HgII-responsive T-DNAzyme. (a) Design of the 
orthogonal activation. (b) Metal-dependent activation of H-DNAzyme and T-DNAzyme. CuII and/or HgII ions were added 
to a mixture of H-DNAzyme and T-DNAzyme. [H-DNAzyme] = [T-DNAzyme] = 1.0 μM, [substrate 1] = [substrate 2] = 2.0 
μM, [CuSO4] = 0 or 1.0 μM (1 equiv for H–H), [Hg(ClO4)2] = 0 or 4.0 μM (1 equiv for T–T) in 10 mM HEPES (pH 7.0), 1 M 
NaNO3, 10 mM Mg(NO3)2, 25 °C, 3 h. N ≥ 3. Error bars indicate standard errors. The activities of the individual 
DNAzymes under the same condition are also shown. 
shown 
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Abbreviations 
 
A  absorbance 

A  adenine 

Ac  acetyl 

AcOH  acetic acid 

AMP  adenosine monophosphate 

AP site  apurinic/apyrimidinic site 

Asc  ascorbate 

ATP  adenosine triphosphate 

a.u.  arbitrary unit 

BER  base excision repair 

bp  base pair 

BSA  bovine serum albumin 

C  cytosine 

ca.   circa 

calcd.  calculated 

dATP  deoxyadenosine triphosphate 

dCTP  deoxycytidine triphosphate 

dGTP  deoxyguanosine triphosphate 

dHTP  hydroxypyridone nucleoside triphosphate 

DNA  deoxyribonucleic acid 

dNTP  natural deoxynucleoside triphosphates 

Dpo4  Sulfolobus solfataricus DNA Polymerase IV 

DTT  dithiothreitol 

dTTP  deoxythymidine triphosphate 

ε  molar extinction coefficient  

EDTA   ethylenediaminetetraacetic acid 

EPR  electron paramagnetic resonance 

ESI-TOF  electron spray ionization 

FAM  6-carboxyfluorescein 

FRET  fluorescence resonance energy transfer 

G  guanine 

GHK  glycine-histidine-lysine 
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H  hydroxypyridone 

HEPES  4-(2-hydroxyethyl)-1-piperazineethanesufonic acid 

HPA  hydroxypicolinic acid 

HPLC  high performance liquid chromatography 

HSAB  hard-soft acid-base 

KF exo–  Klenow fragment of DNA polymerase I (3′→5′ exo–) 

M  molar 

MALDI  matrix assisted laser desorption ionization 

MeCN  acetonitrile 

MS  mass spectrometry 

m/z  mass-to-charge ratio 

obs.  observed 

PAGE  polyacrylamide gel electrophoresis 

PC  pyrrolocytosine 

PCR  polymerase chain reaction 

PEG  polyethylene glycol 

Phos  5′-phosphate 

PNK  polynucleotide kinase 

rA  adenosine ribonucleotide 

RNA  ribonucleic acid 

T  thymine 

TdT  terminal deoxynucleotidyl transferase 

TEAA  triethylammonium acetate 

Tm  melting temperature 

TOF  time-of-flight 

tpy  terpyridine 

Tris  tris(hydroxymethyl)aminomethane 

U  uracil 

UV  ultraviolet 

Vis  visible 

XNA  xeno nucleic acid 
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1-1. DNA supramolecular chemistry 
 

DNA (Deoxyribonucleic acid) is generally perceived as a carrier of genetic information. DNA 

is a polymer of deoxyribonuleotides which consist of a deoxyribose, a phosphate group, and a 

nucleobase (Figure 1-1a). Four natural nucleobases, adenine (A), cytosine (C), guanine (G), and 

thymine (T) selectively form two types of Watson–Crick base pairs through hydrogen bonding, A–

T and G–C (Figure 1-1b). The complementary base pairing leads to the formation of the DNA 

double-helical structure based on its sequence information (Figure 1-1c). This elgant 

suparamolecular structure relies not only on the hydrogen bonding between the base pairs, but also 

on stacking of nucleobases, eletrostatic interactions, and hydrophobic effects in water.[1] Mismatch 

pairs other than A–T and G–C significantly decrease the thermal stability of a DNA duplex, 

resulting in the selectivle hybridization to a complementry DNA strand. This sequence-spefiic 

assembly allows for the construction of well-organized supramolecular structures. Therefore, DNA 

has attracted much attention in the fields of supramolecular chemistry and nanotechnology.  

Since Seeman proposed a concept of “DNA nanotechnology,”[2] a variety of sophisticated DNA 

structures have been fabricated.[3] Seeman et al. constructed a DNA cubic structure by designing 

sequences of DNA juncitons (Figure 1-2a).[4] Rosemund established a method to fabricate 2D 

nanostructures called DNA origami (Figure 1-2b).[5] New strategies have been extensively explored 

 
Figure 1-1. Structures of a nucleotide (a), Watson–Crick base pairs (b), and a DNA duplex (c).  
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for the construction of larger structuers, including 3D nanostructures, with atomic-scale control.[6] 

The highly ordered structures have provided many novel applications in nanotechnology. For 

example, Dietz et al. contorlled the distance between two molecules with ångström precision by 

adjusting the angle of a DNA hinge structure (Figure 1-2c).[7] Dietz, Simmel et al. constructed a 

DNA membrane channel, which was further applied to single-molecule analysis (Figure 1-2d).[8] 

DNA also allows for the development of supramolecular assemblies, in which each component 

is precisely arranged based on DNA sequneces and structures.[9] Sleiman et al. fabricated DNA 

polygons and placed different gold nanoparticles in precise location through DNA hybridizaiton to 

the construct (Figure 1-3a).[10,11] Mirkin et al. constructed assemlies of nanoparticles in different 

lattice strucutres with a careful design of linker DNA strands (Figure 1-3b).[12,13] Accordingly, 

sequence-specfic assembly of DNA strands enbles the construction of supramolecular structures 

composed of well-organized molecules and nanomaterials. 

 
Figure 1-2. DNA nanoarchitectures and their applications. (a) A DNA cubic nanostructure. Reproduced 

from ref. [4]. Copyright 1991 Nature Publishing Group. (b) A DNA origami nanostructure. Reprinted from 

ref. [5]. Copyright 2006 Nature Publishing Group. (c) A DNA device that places molecules with ångström 

precision. Reprinted from ref. [7]. Copyright 2016 Nature Publishing Group. (d) A DNA membrane 

channel. The end of architecture was modified with cholesterol to insert lipid bilayer. Reproduced from ref. 

[8]. Copyright 2012 American Association for the Advancement of Science.  
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For the functionalization of these DNA-based supramolecular structures and assemblies, the 

dynamic control by external stimuli is of great importance. The strand displacement reaction, which 

triggers strand exchange through toehold-mediated hybridization, can afford dynamic functions 

using DNA strands as inputs (Figure 1-4a).[14,15] By exploiting this reaction, a variety of 

DNA-based nanoswitches, nanodevices, and molecular machines have been constructed. 

Turberfield et al. developed a DNA nanoswitch, which opened and closed repetitively through the 

DNA strand displacement reactons (Figure 1-4b).[16] Gothelf, Kjems et al. applied the strand 

displacement to open a lid of a DNA nanobox by adding oligonucleotides as extenal stimuli (Figure 

1-4c).[17] Pierce et al. developed a molecular machine called a DNA walker, which moves 

unidirectonally on a DNA track driven by the strand displacement reactions (Figure 1-4d).[18] In a 

similar manner, many DNA-based molecular machines have been fabricated by employing the 

strand displacement reaction.[19] 

The strand displacement reaction can be also applied to molecular computing circuits.[14,15,20,21] 

For instance, an AND logic gate can be constructed by designing the successive strand displaement 

reactions that proceed only when two input DNA strands are added (Figure 1-5a).[14] Winfree et al. 

develoeped logic circuits consisting of more than 100 DNA strands.[20] The complex system 

allowed for the dynamic circuits that yielded oscillatory signlas (Figure 1-5c).[21] 

 
Figure 1-3. DNA-guided assembly of nanoparticles. (a) Assembly of gold nanoparticles on DNA polygons. 

Reproduced from [10] and [11]. Copyright 2006 Wiley-VCH and 2007 American Chemical Society. (b) 

DNA-mediated assembly of nanoparticles in different lattice patterns. Reprinted from ref. [13]. Copyright 

2011 American Association for the Advancement of Science.  
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Figure 1-4. Strand displacement reaction and its applications. (a) Schematic representation of processes 

in the strand displacement reaction. Reprinted from ref. [14]. Copyright 2011 Nature Publishing Group. (b) 

DNA tweezers that change their structure by the strand displacement reaction. Reproduced from ref. [16]. 

Copyright 2000 Nature Publishing Group. (c) A DNA nanobox that opens through the strand displacement. 

Reproduced from ref. [17]. Copyright 2009 Nature Publishing Group. (d) A DNA walker that unidirectionally 

moves driven by the strand displacement reactions. Reproduced from ref. [18]. Copyright 2004 American 

Chemical Society.  
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Accordingly, DNA provides a robust platform for the developement of supramolecules and 

nanoarchitechtures based on its sequence-specific assembly. To fabricate more functionalized 

materials, new methods to dynamically control DNA supramolecules by external stimuli are highly 

demanded, not limited to the strand displacement reaction. Such stimulus-rsponsive DNA 

supramolecules can be developed through the incorporation of DNAzymes, the functionalization by 

chemical modifications, and the use of metal-mediared artificial base pairing, which will be 

discussed later. 

  

 
Figure 1-5. DNA logic gates and computing circuits based on the strand displacement reactions. (a) 

Schematic representation of a DNA-based AND logic gate utilizing the strand displacement. Reproduced 

from ref. [14]. Copyright 2011 Nature Publishing Group. (b) A DNA dynamic circuit that exhibits oscillatory 

signals. Reproduced from ref. [21]. Copyright 2017 American Association for the Advancement of Science.  



 7 

1-2. Deoxyribozymes (DNAzymes) 
 

DNA molecules can act not only as frameworks of supramolecules and nanoarchitectures but 

also as their functional cores. Some DNA strands with a given sequence are known to possess a 

unique function such as binding ability to a target molecule (i.e. DNA aptamer).[22,23] Among them, 

deoxyribozymes or DNAzymes, which can catalyze a chemical reaction, have attracted much 

attention.[24] After Breaker and Joyce found the first DNAzyme that cleaves RNA strands,[25] many 

DNAzymes have been discovered by means of in vitro selection.[26] 

An overview of the in vitro selection method is depicted in Figure 1-6. A pool of 

oligonucleotides with a randomized sequence is subjected to a selection process in the presence of a 

cofactor to find out sequences that can catalyze a target reaction. After treating the pool under a 

specific reaction condition, only catalytically active species are released from the solid support, thus 

separated from inactive DNA strands. The recovered active DNA strands are amplified by PCR and 

then used for the next cycle of screening. As the number of the cycles increases, more active DNA 

molecules predominantly remain. DNAzymes with different catalytic activities can be obtained by 

changing the selection conditions. 

The selection method has afforded numerous DNAzymes that catalyze various kinds of 

chemical reactions (Figure 1-7). As well as the first report,[25] many groups discovered 

RNA-cleaving DNAzymes, which can cleave a phosphodiester bond of an RNA substrate at a 

specific position (Figure 1-7a).[27] The DNAzymes induce the intramolecular nucleophilic attack of 

2′-oxygen on the adjacent phosphate group with the aid of a cofactor (Figure 1-7b).[28] Some 

 
Figure 1-6. Overview of the in vitro selection method to discover DNAzymes.  
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DNAzyme can also promote DNA cleavage via an oxidative and hydrolysis mechanism.[29,30] 

Szostak et al. found E47 DNAzyme that ligates DNA strands by jointing 5′-hydroxy and 

3′-phosphorimidazolide groups (Figure 1-7c).[31] Particular G-quadruplex DNA sequences can bind 

to hemin and the resulting complexes show a peroxidase-like activity to oxidize small-molecules 

(Figure 1-7d).[32] This DNAzyme reaction has been often utilized for colorimetric assays using 

chromogenic substrates such as ABTS (2,2'-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid).[33] 

DNAzymes can also catalyze other chemical reactions including phosphorylation,[34] hydrolysis of 

ester bonds,[35] and Diels–Alder reaction.[36] 

Although the mechanisms of most DNAzyme reactions have been poorly understood, two 

crystal structures of DNAzymes have been recently reported.[37,38] The structure of 8–17 

RNA-cleaving DNAzyme (Figure 1-8) validates that folding of the DNAzyme and the resulting 

intrinsic tertiary interactions are essential for the RNA hydrolysis.[38] 

 
Figure 1-7. Examples of DNAzymes. (a) RNA-cleaving DNAzyme. (b) Proposed mechanism of the 

RNA-cleaving reaction by DNAzymes. (c) DNAzyme with a DNA ligase activity. (d) Peroxidase-mimicking 

G-quadruplex DNAzyme. 
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DNAzymes have been widely utilized as functional units in the fields of DNA supramolecular 

chemistry and nanotechnology. They have been applied to biosensors,[23,39] therapeutic agents,[40] 

and tools for oligonucleotide synthesis.[41] One of the most promising applications is a functional 

element in DNA computing circuits.[42] Chemical reactions catalyzed by DNAzymes can often 

generate output signals detectable by spectroscopic methods. When the output is an oligonucleotide, 

the output signal can be transferred to the following DNA-based systems as an input, thus resulting 

in cascade reactions for computing circuits. Up to now a great number of logic gates, multiplexers, 

and computing circuits have been constructed using DNAzymes as key components. For instance, 

Stojanovic et al. developed logic gates by introducing DNA-binding sites into an RNA-cleaving 

DNAzyme (Figure 1-2-4a).[43,44] Only when correct input oligonucleotides were added, the 

DNAzyme cleaved a fluorophore-labeled substrate, thus yielding a FRET signal as an output. 

Willner et al. demonstrated cascade gate systems with the use of several DNAzymes in the same 

 
Figure 1-8. Crystal structure of 8–17 RNA-cleaving DNAzyme. Proposed mechanism based on the crystal 

structure is also shown. Reproduced from ref. [38]. Copyright 2017 Nature Publishing Group. 

 
Figure 1-9. DNAzyme-based logic gates and computing circuits. (a) An AND-gate DNAzyme that 

responds to three input oligonucleotides. Reproduced from ref. [44]. Copyright 2006 American Chemical 

Society. (b) A logic gate cascade composed of three RNA-cleaving DNAzymes. Reproduced from ref. 

[45]. Copyright 2010 Nature Publishing Group. 
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solution (Figure 1-9b).[42,45,46] After the cleavage of the substrates by the DNAzymes, the released 

strands transferred the output signal to the following logic gates, which enabled the complex 

computing circuits. 

Chemical reactions by DNAzymes can be also utilized as a power source of DNA-based 

molecular machines. Mao et al. developed a DNA motor[47] (Figure 1-10a) and a DNA walker[48] 

(Figure 1-10b) by exploiting RNA-cleaving DNAzymes. These DNA machines autonomously 

moved by consuming RNA substrates. Yan et al. demonstrated that DNA walkers can 

unidirectionally move along the defined pathway on DNA origami architectures.[49] Liu et al. 

applied DNA walkers to multistep chemical synthesis (Figure 1-10c).[50] Different substrates were 

attached on a DNA track, and the amino group on a DNA walker sequentially reacted with the 

substrates while the walker moved in a unidirectional way. 

Collectively, DNAzymes play essential roles in DNA-based nanotechnology and 

supramolecular chemistry. Regulation of DNAzyme activities allows for the development of 

stimulus-responsive DNAzymes, which would lead to novel applications in the fields of DNA 

supramolecular chemistry and nanotechnology. 
  

 
Figure 1-10. DNAzyme-based molecular machines. (a) An autonomous DNA molecular motor using an 

RNA-cleaving DNAzyme. Reproduced from ref. [47]. Copyright 2004 Wiley-VCH. (b) A DNA walker that 

moves along the DNA track fueled by cleavage of RNA substrates. Reproduced from ref. [48]. Copyright 

2005 Wiley-VCH. (c) Autonomous multistep organic synthesis mediated by a DNA walker. Reprinted from 

ref. [50]. Copyright 2010 Nature Publishing Group. 
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1-3. Stimuli-responsive DNA systems 
 

Toward functionalization of DNA materials, numerous stimuli-responsive DNA systems have 

been developed.[51] Regulation of DNA structures and functions by external stimuli can provide 

dynamic properties, thus allowing for the fabrication of DNA-based nanodevices and molecular 

machines.[52] Stimuli-responsive systems composed of natural DNA strands can be constructed by 

exploiting the strand displacement reaction,[14,15] self-assembly of high-order DNA structures,[53–55] 

and by inserting sequences of functional DNAs such as aptamers and DNAzymes.[23,56] Furthermore, 

chemical modification can impart responsiveness toward a variety of external stimuli.[57] 

One of the most basic approaches is the use of oligonucleotides as external stimuli based on the 

strand displacement reactions.[14,15] For example, Seeman et al. developed stimuli-responsive DNA 

crystals by introducing a toehold region into each unit junction structure (Figure 1-11a).[58] By 

adding fluorophore-labeled strands, the crystal color changed through the strand displacement 

reaction. Gracias, Schulman et al. fabricated DNA hydrogels that swelled up by 100 fold in 

response to the addition of DNA strands (Figure 1-11b).[59] The strand displacement polymerization 

at the specific DNA crosslinks enabled the sequential shape changes of the hydrogel. 

Some DNA high-order structures, such as triplex[53] and i-motif,[54] are formed in a 

pH-dependent manner. Thus, natural DNA strands with a specific sequence can respond to pH 

 
Figure 1-11. Stimulus-responsive DNA materials utilizing oligonucleotides as external stimuli. (a) A DNA 

crystal that changes its color in repose to additional oligonucleotides. Reprinted from ref. [58]. Copyright 

2017 Nature Publishing Group. (b) A DNA hydrogel that drastically swells up upon addition of DNA hairpin 

strands. Reprinted from ref. [59]. Copyright 2017 American Association for the Advancement of Science. 
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changes. Ricci et al. constructed DNA nanoswitches in response to different pH ranges (Figure 

1-12a).[60] The pH responsiveness was tuned by changing the relative contents of C+·G–C and T·A–

T base triplets. Famulok et al. developed a prototype of proton-fueled DNA molecular machines by 

incorporating i-motif sequences into DNA rings (Figure 1-12b).[61] Folding into i-motif triggered 

dimerization of the DNA rings, thus realizing the pH-responsive switching motion. 

Aptamers, which bind to a specific target, have been extensively exploited for the development 

of stimulus-responsive DNA systems.[23,56] The incorporation of aptamer sequences can endow 

DNA molecules with responsiveness to various small molecules. Lu et al. fabricated a DNA-based 

 
Figure 1-12. pH-Responsive DNA switches based on high-order DNA structures. (a) Triplex-based DNA 

nanoswitches that respond to different pH ranges. Reproduced from ref. [60]. Copyright 2014 American 

Chemical Society. (b) A pH-responsive DNA ring that forms a dimer through the i-motif formation. 

Reproduced from ref. [61]. Copyright 2013 American Chemical Society. 

 
Figure 1-13. Aptamer-based DNA sensors in response to small molecules. (a) A cocaine-sensor using the 

gold nanoparticles functionalized with a DNA aptamer. Reproduced from ref. [62]. Copyright 2006 

Wiley-VCH. (b) An aptamer–DNAzyme conjugate that detects adenosine monophosphate (AMP). 

Reproduced from ref. [63]. Copyright 2007 American Chemical Society. 
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colorimetric sensor by functionalizing gold nanoparticles with a cocaine aptamer (Figure 1-13a).[62] 

Upon binding to cocaine, the aptamer strands dissociated the aggregate of gold nanoparticles, 

resulting in the color change of the solution. Willner et al. synthesized a conjugate of a DNA 

aptamer and a DNAzyme for the detection of adenosine monophosphate (AMP) (Figure 1-13b).[63] 

The aptamer binding to AMP triggered the dissociation of the DNAzyme from a complementary 

strand, thus restoring its peroxidase-mimicking activity. 

DNA molecules can also respond to macromolecules such as proteins. Church et al. developed 

a DNA transporter that releases molecular cargoes in response to antigens through the aptamer 

binding (Figure 1-14a).[64] Ricci et al. fabricated a DNA molecular machine that responds to an 

antibody (Figure 1-14b).[65] They attached antigens to the ends of DNA triplexes, which released a 

cargo DNA strand upon binding to an antibody. 

Light has been often utilized as external stimuli to control DNA molecular systems.[66] As 

natural DNA molecules are not responsive to light, it is necessary to introduce unnatural 

functionalities for the construction of photo-responsive DNA systems. Asanuma, Komiyama et al. 

developed azobenzene-bearing nucleic acid monomer with a threoninol linker, which can control 

the hybridization of DNA duplexes through the trans–cis isomerization (Figure 1-15a).[67] Liang, 

Asanuma et al. utilized the azobenzene derivative for the development of a photo-responsive 

DNAzyme (Figure 1-15b).[68] Kuzyk, Liu et al. introduced the azobenzene into a DNA architecture 

with gold nanorods to control the plasmonic circular dichroism by light (Figure 1-15c).[69] 

 

Figure 1-14. Protein-responsive DNA molecular machines. (a) A DNA transporter that can release 

molecular payloads in response to antigens. Reproduced from ref. [64]. Copyright 2012 American 

Association for the Advancement of Science. (b) A DNA nanomachine that can release a cargo DNA 

strand in response to antibody. Reproduced from ref. [65]. Copyright 2017 Nature Publishing Group. 
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Metal-responsive DNA molecules have been developed by incorporating metal coordinating 

sites into oligonucleotides. The use of metal ions as external stimuli provides the following 

advantages. (i) Metal complexes form coordination bonds which are generally stronger than 

hydrogen bonds. Thus, the thermal stability of DNA structures can be controlled in a 

metal-dependent manner, allowing for the regulation of DNA functions. (ii) Reversibility of metal 

complexation can be utilized for the control of DNA system. The addition and removal of metal 

ions would regulate functions of DNA molecules in a reversible manner. (iii) Each metal ion can 

work as an external stimulus that binds to a ligand site with distinct affinity, stability, and kinetics. 

These properties also depend on the oxidation states of the metal ions. (iv) Some metal ions can 

offer responsiveness toward other stimuli such as light and redox agents.  

Figure 1-16 shows examples of metal-responsive DNA supramolecules containing artificial 

ligand sites. Sleiman et al. incorporated terpyridine (tpy) and/or diphenylphenanthroline (dpp) 

ligands into DNA duplexes as a metal binding site (Figure 1-16a).[70] The ligands bind to metal ions 

inside the duplex with different affinity, and the DNA structures are thermally stabilized. Our group 

utilized a bipyridine-modified nucleotide (Ubpy) for the metal-dependent stabilization of three-way 

 
Figure 1-15. Photo-responsive DNA systems. (a) Trans–cis isomerization of the azobenzene moiety 

modified on DNA through a threoninol linker.[67] (b) A photo-responsive DNAzyme. The DNAzyme activity 

was regulated through the trans–cis isomerization of the azobenzene moieties. Reproduced from ref. [68]. 

Copyright 2010 Wiley-VCH. (c) A photo-responsive DNA plasmonic system using the azobenzene 

derivative. Reprinted from ref. [69]. Copyright 2016 Nature Publishing Group. 
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junction structures,[71] which was applied to metal-triggered DNA structure conversion between 

duplexes and the junction structures (Figure 1-16b).[72] Ihara et al. demonstrated allosteric 

regulation of a peroxidase-mimicking activity of a G-quadruplex DNAzyme by metal complexation 

with terpyridine ligands (Figure 1-16c).[73] Clever et al. also controlled G-quadruplex structures and 

their thrombin binding ability through the metal complexation of pyridine ligands (Figure 

1-16d).[74,75] 

Accordingly, metal-responsive DNA molecules are highly promising for the fabrication of 

sophisticated DNA-based systems. It is of great importance to develop versatile methodology to 

endow DNA molecules with metal-responsiveness. 
  

 
Figure 1-16. Metal-responsive DNA supramolecules. (a) Thermal stabilization of DNA duplexes containing 

terpyridine (tpy) and/or diphenylphenanthroline (dpp) with different metal affinity. Reproduced from ref. [70]. 

Copyright 2009 Wiley-VCH. (b) Metal-triggered DNA structure conversion between duplexes and three-way 

junctions. (c) Allosteric regulation of peroxidase-mimicking DNAzyme activity by metal complexation with 

tpy ligands. Reproduced from ref. [73]. Copyright 2015 Nature Publishing Group. (d) CuII-dependent 

formation of a pyridine-modified G-quadruplex. Reproduced from ref. [74]. Copyright 2013 Wiley-VCH. 
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Figure 1-17. CuII-mediated hydroxypyridone (H) base pair (H–CuII–H). The formation of a H–CuII–H base 

pair stabilizes a DNA duplex, thus inducing the hybridization of DNA strands.  

 
Figure 1-18. Chemical structures of metal-mediated base pairs. (a, b) Metal-mediated base pairs 

composed of unnatural ligand-type nucleotides. (c, d) Metal-mediated base pairs with natural 

nucleobases. 

1-4. Metal-mediated base pairing 
 

As discussed in the section 1-3, the incorporation of metal cooridination sites is one of the most 

promising methods to develop stimulus-responsive DNA materials. Our group has firstly 

develoeped metal-mediated artificial base pairs,[76] which are composed of a pair of ligand-type 

nucleotides and a bridging metal ion.[77] Ligand-type nucleotides bind to a metal ion inside a DNA 

duplex, and the resulting metal-coordination bonding increases the thermal stability of the duplex. 

For example, unnatural ligand-type, hydroxypyridone (H) nucleotides form a CuII-mediated base 

pair (H–CuII–H) through 2:1 complexation with CuII ions in a square-planar geometry (Figure 

1-17).[78] The formation of H–CuII–H base pair was confirmed by UV spectroscopy, duplex melting 

analysis, and electron paramagnetic resonance (EPR) measurement. A H–CuII–H base pair 

quantitatively forms at micromolar concentrations, which greatly stabilizes a DNA duplex and 

increases the melting temperature (Tm) by 13 °C in a typical case. 

Many types of metal-mediated base pairs have been reported thus far with the use of various 

metal ions.[76] Shultz et al. developed a CuII-mediated heterobase pair with a pyridine (Py) 

nucleotide and a pyridine-2,6-dicarboxylate (Dipic) nucleotide as one of pioneering works (Figure 
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Figure 1-19. (a, b) Schematic representation of magnetic properties of CuII arrays assembled by metal 

mediated base pairs. Reproduced from ref. [83] and [84]. Copyright 2003 American Association for the 

Advancement of Science (a) and 2010 Wiley-VCH (b). (c) Control of the electrical conductivity of a DNA 

duplex mediated by H–CuII–H base pairing. Reproduced from ref. [85]. Copyright 2011 Wiley-VCH. 

1-18a).[79] Carell et al. reported a MnIII- or CuII-mediated salen base pair, which gretly stabilized a 

DNA duplex through metal complexation and crosslinking by enthylenediamine (en) (Figure 

1-18b).[80] Natural pyrimidine nucleobases T and C can serve as a metal ligand to form a HgII- and a 

AgI-mediated base pairs, respectively (T–HgII–T[81] and C–AgI–C[82]; Figures 1-18c and 1-18d). 

Metal-mediated base pairing provided attractive physicochemical properties especially when 

metal ions were arrayed inside a DNA duplex (Figure 1-19). Our group constructed a metal array 

with five CuII ions by using H–CuII–H base pairing, which exhibited ferromagnetic coupling 

(Figure 1-19a).[83] Carell et al. observed antiferromagnetic coupling between two CuII ions arrayed 

with S–CuII(en)–S base pairs (Figure 1-19b).[84] H–CuII–H base pairing was also exploited for 

controlling the electrical conductivity of DNA duplexes (Figure 1-19c).[85] It is expected that unique 

DNA materials will be developed from long metal arrays with the use of ligand-type nucleotides, 

including heterogeneous metal arrays[86] and arrays in the crystalline state.[87] 

Metal-mediated base pairing can be also utilized for the control of DNA structures. Müller et al. 

demonstrated metal-dependent structure conversion of DNA strands between a duplex and hairpins 

by using AgI-mediated imidazole base pairs (Im–AgI–Im) (Figure 1-20a).[88] Luedtke et al. recently 

reported that the formation of T–HgII–C base pairs[89] can trigger B-to-A-form helical transition of 

DNA duplexes (Figure 1-20b).[90] Ligand-type nucleotides can be applied to the formation of 

high-order structures such as triplex by exploiting their coordination geometry (Figure 1-20c).[91,92] 
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Figure 1-21. Metal-responsive functional DNAs utilizing T–HgII–T base pairing. (a) A HgII-responsive 

RNA-cleaving DNAzyme, whose activity was regulated by the formation of T–HgII–T base pairs. 

Reproduced from ref. [94]. Copyright 2007 Wiley-VCH. (b) A HgII-responsive DNA catenane. The rotation 

of the catenane was controlled by T–HgII–T base pairing. Reproduced from ref. [95]. Copyright 2013 

American Chemical Society. 

 
Figure 1-20. Control of DNA structures by utilizing metal-mediated base pairing. (a) Metal-dependent 

structure conversion by the formation of AgI-mediated imidazole base pairs. Reproduced from ref. [88]. 

Copyright 2010 Nature Publishing Group. (b) B-to-A-form helical transition of DNA duplexes induced by T–

HgII–C base pairs. Reproduced from ref. [90]. Copyright 2019 Nature Publishing Group. (c) Formation of 

artificial triplex strands mediated by 3:1 hydroxypyridone–FeIII complexes (H3FeIII). Reproduced from ref. 

[91]. Copyright 2009 Wiley-VCH. 

The metal-induced hybridization of DNA duplexes and trasfromation of DNA structures would 

allow for the regulation of DNA functions with the use of metal-mediated base pairing, thus 

affording metal-responsive DNA materials. The metal-responsive functinal DNAs have been 

fabricated mainly by utilizing T–HgII–T and C–AgI–C base pairs (Figure 1-21).[93] Lu et al. 

developed a HgII-responsive DNAzyme by incorporating T–T mismatches into a reported 

DNAzyme (Figure 1-21a).[94] The formation of T–HgII–T base pairs restored the catalytically active 

structure, thus regulating the DNAzyme activity in a HgII-responsive manner. Willner et al. 

constructed a DNA catenane, which unidirectionally rotated by the formation of T–HgII–T base 

pairs (Figure 1-21b).[95] In a similar manner, various HgII- and AgI-responsive DNA materials have 
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been developed by exploiting the natural pyrimidine bases as ligand sites, such as nanoswitches,[96] 

logic gates,[97] and molecular machines.[98] 

The use of unnatural ligand-type nucleotides would provide novel functional DNAs that 

respond to diverse metal ions. In particular, by utilizing metal ions that rarely interact with natural 

nucleotides, metal-responsive DNA materials would be developed with a simple and rational design. 

However, such applications have been scarcely accomplished mainly because of the cumbersome 

process to prepare artificial ligand-bearing DNA strands with the basic solid-phase chemical 

synthesis. Therefore, new synthetic methods have been highly demanded for the preparation of 

DNA strands containing unnatural ligand-type nucleotides.  
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1-5. Enzymatic synthesis of artificial DNA strands 
 

As well as the solid-phase chemical synthesis, enzymatic synthesis methods have been widely 

utilized to prepare natural DNA strands, such as DNA amplification by polymerase chain reaction 

(PCR)[99] and synthesis of long DNA strands by ligation reactions.[100] Artificial DNA strands have 

been also enzymatically synthesized with a careful design of unnatural nucleotides and a proper 

choice of enzymes.[101] Enzymatic reactions generally proceed under mild conditions, thus allowing 

for the incorporation of unnatural nucleotides incompatible with the chemical synthesis using 

several reactive agents. In addition, enzymatic synthesis provides easy access to long DNA strands, 

thus leading to novel applications of artificial nucleotides. 

One of the approaches to enzymatically synthesized unnatural DNA strands is to develop 

artificial base pairs that can be replicated by DNA polymerases.[102] Benner et al. developed P–Z 

base pairing, which has a hydrogen bonding pattern different from Watson–Crick natural base pairs 

(Figure 1-22a).[103] The artificial base pair was replicated by DNA polymerases with high fidelity, 

thus serving as the third base pair. Hirao et al. and Romesberg et al. independently fabricated 

replicable base pairs that lack hydrogen bonding (Figures 1-22b and 1-22c).[104,105] These base pairs 

allowed for the functionalization of DNA molecules[106] and in vitro selection of novel aptamers.[107] 

The polymerase replication of metal-mediated base pairs has been also investigated, and some 

promising candidates were reported thus far (Figure 1-23).[108–112] Urata et al. reported polymerase 

incorporation of T–HgII–T and T–AgI–C base pairs (Figure 1-23a).[108,109] T nucleotides were 

incorporated into the sites opposite T and C only in the presence of HgII and AgI ions, respectively, 

so as to form the metal-mediated base pairs. Carell et al. demonstrated polymerase replication of a 

CuII-mediated salen-type artificial base pair (S–CuII(en)–S) (Figure 1-23b).[110] A S–CuII(en)–S 

 
Figure 1-22. Artificial base pairs that can be replicated by DNA polymerases.  
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base pair was fit well in the polymerase active site, thus incorporated with decent fidelity by a DNA 

polymerase. Switzer et al. reported the polymerase incorporation of a CuII-mediated base pair 

consisting of purine-2,6-dicarboxylate (PurDC) and pyridine (Py) unnatural nucleotides (PurDC–

CuII–Py; Figure 1-23c).[111] 

Another strategy is chemical modification that can be accepted by enzymes (Figure 1-24). 

Modification of natural nucleobases is often accepted by DNA polymerases when they are attached 

to the position 7 or 8 of purines and the position 5 or 6 of pyrimidines at the major groove side 

(Figure 1-24a).[113] A variety of modified nucleotides have been incorporated by the polymerase 

synthesis.[114] For example, Hocek et al. reported that 2-nitrobenzyl-modified uracil nucleoside 

triphosphate (dUNBTP) was efficiently introduced into DNA strands by a DNA polymerase (Figure 

1-24b).[115] The photocaged UNB nucleotides were deprotected inside a DNA duplex by light 

irradiation, thus allowing for the photo-responsive DNA cleavage by an endonuclease. Ligation 

reactions have been also exploited for the enzymatic synthesis of artificial DNA strands.[116-118] Hili, 

Liu et al. established ligase-mediated polymerization of short modified oligonucleotides (Figure 

1-24c).[116,117] Their method enabled the polymerization of functionalized trimers[116] and 

pentamers[117] by T4 DNA ligase in accordance with template sequences. 

 

 
Figure 1-23. Polymerase incorporation of metal-mediated base pairs. (a) Polymerase incorporation of T–

HgII–T and T–AgI–C base pairs. Reproduced from ref. [109]. Copyright 2014 Wiley-VCH. (b) Crystal 

structure of a CuII-mediated salen-type base pair (S–CuII(en)–S) in the polymerase active site. Reproduced 

from ref. [110]. Copyright 2011 Nature Publishing Group. (b) Chemical structure of a CuII-mediated 

heterobase pair, PurDC–CuII–Py. 
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Our group has developed an enzymatic method to synthesize oligomers of hydroxypyridone 

(H) unnatural ligand-type nucleotides by a template-independent polymerase (Figure 1-25).[119] 

Terminal deoxynucleotidyl transferase (TdT) incorporated several hydroxypyridone nucleoside 

triphosphates (dHTP) to a primer strand. The resulting H-modified strands were assembled by the 

formation of H–CuII–H base pairs. This enzymatic method allowed for the post-synthetic 

modification of DNA strands to develop CuII-responsive materials. 

Accordingly, enzymatic synthesis has provided powerful tools to prepare artificial DNA 

strands. It was expected that versatile synthetic methods for artificial ligand-bearing DNA strands 

can be developed by exploiting proper enzymes under specialized conditions. 

 
Figure 1-25. Enzymatic synthesis of artificial DNA strands containing unnatural ligand-type, 

hydroxypyridone (H) nucleotides by a template-independent polymerase (TdT). The ligand-bearing strands 

can be assembled by the formation of H–CuII–H base pairs. 

 
Figure 1-24. Enzymatic synthesis of modified DNA strands. (a) Possible modification sites of natural 

nucleobases (shown in orange). DNA polymerases tolerate modification at the major groove side. (b) 

Polymerase incorporation of 2-nitrobenzyl-modified nucleotides (UNB), which afforded a photo-responsive 

DNA duplex. Reproduced from ref. [115]. Copyright 2014 Wiley-VCH. (c) Ligase-mediated polymerization 

of modified oligonucleotides. Reproduced from ref. [116]. Copyright 2013 American Chemical Society. 
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1-6. The aim of this study 
 

Metal-mediated artificial base pairs have gained much attention as functional units of 

DNA-based supramolecules and nanoarchitectures. HgII- and AgI-mediated base pairs consisting of 

natural pyrimidine bases (i.e. T–HgII–T and C–AgI–C) have been widely exploited for the 

fabrication of metal-responsive functional DNAs.[93–98] On the other hand, a variety of unnatural 

ligand-type nucleotides have been developed so far and have shown different metal affinities.[76] 

The unnatural nucleotides have the great potential for the development of metal-responsive DNA 

materials especially with the use of metal ions that rarely interfere with natural nucleobases other 

than HgII and AgI ions. Metallo-base pairs composed of artificial ligand-type nucleotides can be 

utilized for the metal-dependent regulation of DNA functions, thus imparting responsiveness 

toward diverse metal ions. However, such applications have been scarcely explored mainly because 

chemical synthesis of artificial ligand-bearing DNA strands is often cumbersome and 

time-consuming. The common chemical synthesis with the phosphoramidite chemistry uses several 

reactive agents including an acid, a base, and an oxidant. Thus, the synthetic method requires 

additional protecting groups at the metal coordinating sites of artificial nucleobases. Many 

byproducts are often generated during the deprotection, resulting in low yields and some 

troublesome purification processes. Accordingly, an alternative method to the chemical synthesis 

has been highly demanded for the preparation of DNA strands containing unnatural ligand-type 

nucleotides. 

In this study, I aimed to develop enzymatic methods to synthesize artificial DNA strands 

containing hydroxypyridone (H) unnatural ligand-type nucleotides, which form a CuII-mediated 

base pair (H–CuII–H) (Figure 1-26a). Enzymatic reactions can proceed under mild conditions, thus 

requiring no protecting groups on artificial ligand-type nucleobases. Our group has previously 

established enzymatic synthesis of artificial H-bearing DNA strands by utilizing a template- 

independent DNA polymerase (Figure 1-25).[119] This synthetic method, however, can incorporate 

H nucleotides only into the 3′-terminus of DNA strands and cannot control the number of the 
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nucleotides. In this research, I have developed enzymatic synthesis of artificial DNA strands 

containing H nucleotides at the prearranged internal positions with the use of natural DNA 

templates. Some enzymes with high tolerance were expected to incorporate even the artificial 

ligand-type nucleotides into the opposite site of natural nucleobases under specific conditions. The 

enzymatic methods can be performed with commercially available enzymes and standard 

biochemical equipment, thus allowing for the facile synthesis of artificial H-containing DNA 

strands with a defined sequence. 

The enzymatic methods have been applied to the development of metal-responsive DNA 

supramolecules. In this study, I have developed CuII-responsive deoxyribozymes (DNAzymes) by 

employing H–CuII–H base pairing (Figure 1-26b). H nucleotides were incorporated into reported 

DNAzymes by the enzymatic methods. The formation of a H–CuII–H base pair would restore the 

catalytically active structures, thus regulating the DNAzyme activities. The catalytic activities 

would be regulated in a reversible manner by the addition and removal of CuII ions. The metal 

selectivity of H–CuII–H base pairing would allow for the CuII-specific activation of DNAzymes as 

 
Figure 1-26. Schematic representation of enzymatic synthesis of CuII-responsive deoxyribozymes 

(DNAzymes) through the incorporation of hydroxypyridone (H) artificial ligand-type nucleotides. (a) 

Enzymatic synthesis of artificial DNA strands containing H nucleotides using natural DNA templates. (b) 

Development of CuII-responsive DNAzymes. The DNAzyme activities are regulated by the formation of a 

CuII-mediated H–CuII–H base pair.  
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well as multimetal-dependent regulation of DNAzyme activities. 

Chapter 2 describes the enzymatic synthesis of artificial ligand-bearing DNA strands. Four 

enzymatic methods have been established to synthesize artificial DNA strands containing H 

nucleotides. 

Chapter 3 discusses the development of CuII-responsive split DNAzymes, whose activities are 

regulated through CuII-dependent hybridization of two strands by the formation of a H–CuII–H base 

pair. 

Chapter 4 illustrates the development of CuII-responsive single-stranded DNAzymes based on 

the concept of allosteric regulation. The DNAzyme activities would be regulated through 

intrastrand conformational changes mediated by H–CuII–H base pairing. 

Chapter 5 demonstrates multimetal-dependent regulation of DNAzyme activities. By exploiting 

multiple metal ions as external stimuli, I aimed at the orthogonal activation of two DNAzymes and 

construction of two types of AND-gate DNAzymes.  
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2-1. Introduction 
 

Synthesis of DNA strands containing unnatural nucleotides is of great importance to expand the 

toolbox of DNA-based supramolecular chemistry and nanotechnology. The incorporation of 

unnatural nucleotides can impart stimuli-responsiveness to DNA molecules, thus allowing for the 

development of DNA-based smart materials such as nanodevices and molecular machines.[1] In 

general, artificial DNA strands bearing unnatural ligand-type nucleotides have been prepared by the 

chemical synthesis with the well-established phosphoramidite method (Figure 2-1). Nucleoside 

phosphoramidites are successively coupled on a solid support to afford an oligonucleotide with a 

desired sequence. The chemical synthesis also allows for introducing artificial ligand-type 

nucleotides with the same reaction cycle. It needs to use reactive agents including an acid 

(trichloroacetic acid), an activator (tetrazole), a base (e.g. aqueous ammonia), and an oxidant 

(iodine) to synthesize DNA strands. Metal coordinating functionalities in unnatural nucleotides are 

usually susceptible to these reagents. Thus, the additional protecting groups on the ligand sites are 

required for the chemical synthesis of artificial ligand-bearing DNA strands. Many byproducts are 

 
Figure 2-1. Chemical synthesis cycle of oligonucleotides with the phosphoramidite method. Reactive 

agents are highlighted in bold. DMTr = 4,4′-dimethoxytrityl. 
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often generated during the deprotection, which reduces yields of the artificial strands and make it 

difficult to purify the products. Accordingly, an alternative method to the cumbersome chemical 

synthesis has been demanded for the preparation of artificial ligand-bearing DNA strands. 

As a new approach, I have focused on enzymatic synthesis of artificial ligand-bearing DNA 

strands. Table 2-1 summarizes the comparison between enzymatic synthesis and chemical synthesis. 

Enzymatic reactions can proceed under mild conditions without using reactive agents. Therefore, no 

protecting groups on artificial ligand-type nucleobases would be needed in the enzymatic synthesis. 

Moreover, enzymatic reactions can be performed with standard biochemical setups, leading to 

easier access to ligand-bearing DNA strands. Although the synthetic scale of enzymatic synthesis is 

smaller than that of chemical synthesis, it is sufficient for the application to nanotechnology and 

biotechnology. Thus, the enzymatic synthesis would be a powerful method to prepare artificial 

ligand-bearing DNA strands. 

Table 2-1. Comparison between enzymatic synthesis and chemical synthesis  

 Reaction condition 
Metal coordinating 
ligand sites 

Versatility Synthetic scale 

Enzymatic 
synthesis 

Mild conditions without 
reactive agents  

No protection 
Available with 
standard setups 

pmol ~ nmol 

Chemical 
synthesis 

Harsh conditions using an 
acid, a base, and an oxidant 

Additional protecting 
groups 

Need for the DNA 
chemical synthesizer 

nmol ~ µmol 

 

Our group has previously investigated enzymatic synthesis of artificial DNA strands containing 

unnatural ligand-type, hydroxypyridone (H)-bearing nucleotides with a template-independent DNA 

polymerase (Figure 2-2).[2] Terminal deoxynucleotidyl transferase (TdT) appended several 

 
Figure 2-2. Schematic representation of template-independent enzymatic synthesis of DNA strands 

bearing hydroxypyridone (H) nucleotides with a terminal deoxynucleotidyl transferase (TdT). 
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hydroxypyridone nucleoside triphosphates (dHTP) to a primer strand without any protecting groups 

on the ligand sites. Thus, it allowed for the post-synthetic modification of DNA strands with H 

nucleotides. This enzymatic synthesis, however, incorporates ligand-type nucleotides only to the 

3′-terminus and cannot control the number of the nucleotides. Therefore, an alternative enzymatic 

method has been required for the incorporation of ligand-type nucleotides at the internal positions 

of DNA strands with a defined sequence. 

In this study, I have developed enzymatic synthesis of artificial ligand-bearing DNA strands 

with the use of natural DNA templates (Figure 2-3). Some enzymes were expected to tolerate even 

 
Figure 2-3. Schematic representation of enzymatic synthesis of DNA strands containing hydroxypyridone 

(H) nucleotides with natural DNA templates. (a) Polymerase synthesis of DNA strands containing one H 

nucleotide. (b) Enzymatic synthesis of DNA strands containing multiple H nucleotides by using a DNA 

polymerase and a DNA ligase. (c) Polymerase synthesis of DNA strands containing consecutive H 

nucleotides. (d) Enzymatic incorporation of a H-oligomer by using a DNA ligase. 
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unnatural ligand-type nucleotides, thus incorporating them into the opposite sites of template 

nucleobases. It would allow for the enzymatic synthesis of artificial DNA strands in accordance 

with template sequences. In this study, I have investigated the enzymatic methods to incorporate H 

unnatural ligand-type nucleotides, which form a CuII-mediated base pair (H–CuII–H) in a DNA 

duplex. I have developed the enzymatic synthesis of artificial H-containing DNA strands using 

dHTP as a substrate (Figures 2-3a–c). In addition, the enzymatic incorporation of H-oligomers has 

been also examined (Figures 2-3d). 

To establish the enzymatic methods, I have utilized three types of enzymes; an exonuclease- 

deficient DNA polymerase, a lesion-bypass polymerase, and a DNA ligase. First, I have focused on 

a DNA polymerase that lacks proofreading activity. In general, DNA polymerases append a natural 

nucleotide to the 3′-end of a primer strand so that the incoming nucleotide forms a Watson–Crick 

base pair with the template nucleobase. Mismatched nucleotides can be incorporated with low 

efficiency although they are immediately removed by the proofreading activity of the polymerases. 

Many previous studies have shown that unnatural nucleotides can be incorporated by 

proofreading-deficient DNA polymerases.[3–6] Kool et al. reported that exonuclease-deficient 

Klenow fragment of DNA polymerase I (KF exo–) efficiently incorporated a difluorotoluene 

nucleotide into the opposite site of a template A (Figure 2-4a).[3] Other various unnatural 

nucleotides were also incorporated by KF exo– with a natural DNA template such as a pyrene 

nucleotide[4] (Figure 2-4b) and a dinitrobenzimidazole nucleotide (Figure 2-4c).[5] Kool et al. have 

shown that it is not necessary for DNA replication to form hydrogen bonding between incoming 

nucleotides and template nucleobases, and that the fitness of the base pairs in the active site is more 

important for the efficient incorporation of artificial nucleotides by a DNA polymerase.[6] Thus, I 

 

Figure 2-4. Unnatural nucleosides that were incorporated into the opposite site of natural nucleotides by 

KF exo–. (a) Difluorotoluene nucleoside. (b) Pyrene nucleoside. (c) Dinitrobenzimidazole nucleoside. 
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expected that KF exo– can also incorporate a H nucleotide, which has a base size comparable to a 

natural nucleotide, by using natural DNA strands as templates (see section 2-2). 

As the second enzyme, a lesion-bypass DNA polymerase has been exploited for the enzymatic 

synthesis of H-containing strands. Once a mismatched nucleotide is incorporated by a DNA 

polymerase, further primer extension gets much slower.[7] The inhibition of the further elongation of 

primer strands was also often observed after the incorporation of an unnatural nucleotide.[8] Thus, it 

is most likely that the primer extension is terminated after a H nucleotide is appended to the primer. 

I expected that a Y-family polymerase[9] that has a lesion bypass capacity would be suitable for the 

elongation after the H nucleotide. Sulfolobus solfataricus DNA Polymerase IV (Dpo4),[10] one of 

the Y-family polymerases, can extend DNA strands beyond variants such as a thymine–thymine 

dimer (Figure 2-5a), a cisplatin–guanine adduct (Figure 2-5b), and alkylated guanines (Figures 2-5c 

and 2-5d).[10,11] Kool et al. found that Dpo4 polymerase also accepts artificial pairs with a 

size-expanded nucleobase (Figure 2-5e).[12] Thus, Dpo4 polymerase would also extend a primer 

beyond a H nucleotide by incorporating subsequent natural nucleoside triphosphates (dNTPs) 

(Figure 2-3a, see section 2-2). The high tolerance of Dpo4 polymerase would be also applicable to 

the consecutive incorporation of H nucleotides (Figure 2-3c, see section 2-4). 

I have also utilized a DNA ligase, which makes a phosphodiester bond between two DNA 

strands. A DNA ligase is involved in the base excision repair (BER) process,[13] which restores 

DNA lesions or damages in biological systems (Figure 2-6). After a DNA glycosylase and an AP 

endonuclease remove a damaged nucleotide, a DNA polymerase inserts dNTP into the resulting gap 

site. A DNA ligase finally seals the nick by making a phosphodiester bond. I expected that H 

 
Figure 2-5. Chemical structures of variant nucleotides and an artificial base pair that can be bypassed by 

Dpo4 polymerase. (a) Thymine dimer. (b) Guanine–PtII complex. (c, d) Alkylated guanines. (e) Size 

expanded xA–T base pair.  
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nucleotides can be also incorporated into gap sites by using a DNA polymerase and a DNA ligase in 

a manner similar to BER (Figure 2-3b). The successive primer extension and ligation reactions 

would incorporate multiple H nucleotides into distant positions of a single DNA strand (see section 

2-3). 

For the ligation of H-bearing strands, I selected T4 DNA ligase, which is widely exploited in 

nucleic acid chemistry and DNA-based supramolecular chemistry. T4 DNA ligase shows high 

tolerance to mismatches[14] and some modifications.[15–21] It can make a phosphodiester bond not 

only in a DNA duplex but also in a hybrid DNA/RNA or RNA duplex.[15] Beardsley et al. found 

that T4 DNA ligase can ligate strands containing arabino nucleic acids (ANA) at the terminus.[16] 

Herdewijn et al. recently reported the ligation of xeno nucleic acids (XNA) by T4 DNA ligase 

under molecular crowding conditions (Figure 2-7a).[17] They succeeded in ligating 2′-methoxy RNA 

(2′-OMe RNA) duplexes and chimeric duplexes containing 2′-fluoroarabino nucleic acids (FANA), 

locked nucleic acids (LNA), or 1,5-dianhydrohexitol nucleic acids (HNA). I expected that T4 DNA 

ligase would also tolerate artificial H-bearing strands, thus affording artificial DNA strands 

containing H nucleotides (see section 2-3). 

Incorporation of H-oligomers by T4 DNA ligase has been also examined (Figure 2-3d). Hili, 

Liu et al. demonstrated ligase-mediated polymerization of short oligonucleotides modified with 

peptides (Figure 2-7b).[18–20] Their method allowed for the polymerization of peptide-modified 

trimers[18] and pentamers[19,20] by T4 DNA ligase according to the template sequences. I expected 

that short H-oligomers can be inserted into a DNA strand by T4 DNA ligase in a manner similar to 

their method (see section 2-5). 

 

Figure 2-6. Schematic representation of base excision repair (BER) process. 
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Figure 2-8 shows a proposed mechanism of a ligation reaction by T4 DNA ligase.[22] T4 DNA 

ligase is first activated with adenosine triphosphate (ATP), which reacts with a lysine residue of the 

ligase to yield an adduct of an adenosine monophosphate (AMP) (step 1). T4 DNA ligase then 

binds to a DNA duplex and transfers AMP to a 5′-phosphate group (step 2). T4 DNA ligase 

catalyzes the nucleophilic attack of a hydroxy group at the 3′-end to the resulting adenylated 

phosphate, thus yielding a phosphodiester bond (step 3). Accordingly, T4 DNA ligase requires ATP 

as a cofactor for the ligation reaction. It should be noted that ATP can become a substrate of a DNA 

 
Figure 2-8. A proposed mechanism of a ligation reaction by T4 DNA ligase. 

 

Figure 2-7. Enzymatic synthesis of modified nucleic acids through ligation by T4 DNA ligase. (a) Nucleic 

acids that can be ligated by T4 DNA ligase. (d) Ligase-mediated polymerization of peptide-modified 

oligonucleotides. Reproduced from ref. [19]. Copyright 2015 American Chemical Society. 
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polymerase and would be appended to primers instead of artificial nucleotides of interests (i.e. 

dHTP in this study). To obtain H-containing strands by the successive primer extension and ligation 

(Figure 2-3b), the reaction conditions should be optimized so that the DNA polymerase selectively 

incorporates dHTP even in the presence of ATP. 

In this chapter, I report the development of four enzymatic methods to synthesize artificial 

DNA strands possessing hydroxypyridone (H) nucleotides. Section 2-2 describes the polymerase 

synthesis of artificial DNA strands containing a H nucleotide (Figure 2-3a). Incorporation of dHTP 

and the subsequent dNTPs by the two DNA polymerases would afford H-bearing strands. Section 

2-3 accounts for the enzymatic synthesis of DNA strands containing multiple H nucleotides by 

using a DNA polymerase and a DNA ligase (Figure 2-3b). KF exo– and T4 DNA ligase were 

employed for the incorporation of H nucleotides in a manner similar to BER process. Section 2-4 

illustrates polymerase synthesis of artificial DNA strands possessing consecutive H nucleotides 

(Figure 2-3c). High tolerance of Dpo4 polymerase would enable the successive incorporation of H 

nucleotides. Section 2-5 describes an enzymatic method to incorporate H-oligomers by T4 DNA 

ligase (Figure 2-3d). 

The enzymatic synthesis developed here would allow for the facile preparation of artificial 

ligand-bearing DNA strands without any protection on metal coordinating groups. The enzymatic 

methods can be carried out with commercially available enzymes and standard equipment. Thus, 

unnatural ligand-type, hydroxypyridone (H) nucleotides can be easily incorporated into DNA 

strands. The enzymatic synthesis would enable the fabrication of CuII-responsive functional DNAs 

based on H–CuII–H base pairing. Accordingly, this study would provide a powerful tool for 

developing metal-responsive DNA materials with the use of unnatural ligand-type nucleotides.  
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2-2. Polymerase synthesis of artificial DNA strands bearing a 

hydroxypyridone nucleotide 
 

I first investigated polymerase synthesis of artificial DNA strands containing a 

hydroxypyridone (H) with a natural DNA template. As discussed in the section 2-1, I expected that 

an unnatural H nucleotide can be incorporated into the opposite site of a natural nucleobase using a 

DNA polymerase that lacks the proofreading ability. Figure 2-9 represents a synthetic scheme of 

artificial DNA strands possessing a H nucleotide by a DNA polymerase. The polymerase synthesis 

consists of two primer extension reactions. In the first step, a DNA polymerase appends a H 

nucleotide to the primer in the presence of only a hydroxypyridone nucleoside triphosphate (dHTP) 

as a substrate. When natural nucleoside triphosphates (dNTPs) are added in the second step, the 

polymerase further extends the primer after a H nucleotide. As a result, the two-step primer 

extension with a natural DNA template affords a DNA strand containing a H nucleotide in the 

middle. 

The first primer extension to incorporate a H nucleotide was studied with a natural DNA 

template and a primer labeled with a FAM fluorophore (Figure 2-10). As an enzyme substrate, 

dHTP was synthesized through the procedure reported in the previous work.[2] To preclude the 

removal of the H nucleotide after the incorporation, I chose a proofreading-deficient Klenow 

fragment of DNA polymerase I (KF exo–), which lacks both 5′→3′ and 3′→5′ exonuclease 

activities. Because the polymerase incorporation of a H nucleotide was expected to proceed more 

 
Figure 2-9. Schematic representation of polymerase synthesis of artificial DNA strands containing a 

hydroxypyridone (H) nucleotide. 
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slowly than usual, I added polyethylene glycol (PEG), which has been reported to enhance 

polymerase activities by making a molecular crowding condition,[23] to a standard buffer for KF 

exo–. The primer extension reaction was performed in the presence of only dHTP (10 equiv) with 

template DNA strands having a different opposite natural nucleotide (Figure 2-10a). Figure 2-10b 

shows denaturing polyacrylamide gel electrophoresis (PAGE) analysis of the polymerase reaction 

after 2 h. The result shows that KF exo– recognized dHTP as a substrate, and one-base longer 

products were synthesized. The extension rate of the primer (R) was calculated from the band 

intensities as follows: 

R (%) = In+1 / (In + In+1) × 100,  

where In and In+1 are the band intensities of the unreacted primer and the extended one, respectively. 

Figure 2-10c shows the plots of the extension rates (R) against the reaction time. When the opposite 

base (X) was A or T, KF exo– almost quantitatively appended the H nucleotide to the primer after 2 

h. When G or C was used as an opposite template nucleobase, the incorporation of dHTP was much 

less efficient. The elongated product was characterized by a matrix-assisted laser 

desorption/ionization time-of-flight (MALDI-TOF) mass analysis (Figure 2-11). The spectrum of 

the reaction mixture shows that the mass of the primer was increased by 303, which corresponds to 

the molecular weight of a H nucleotide (Figures 2-11a). The H-bearing DNA strand was isolated by 

denaturing PAGE and identified by MALDI-TOF mass spectrometry ([M–H]–: calcd. 6372.3, found 

6371.6; Figure 2-11b). Accordingly, the polymerase incorporation of a single H nucleotide was 

accomplished using a natural DNA template with A or T as the opposite base. 
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Figure 2-10. Polymerase incorporation of a hydroxypyridone-bearing nucleoside triphosphate (dHTP) 

with varying the opposite natural nucleotide (X). (a) Reaction scheme. [primer] = 1.0 μM, [template] = 1.5 

μM, [dHTP] = 10 μM, [KF exo–] = 0.04 U μL–1 in 10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 

mM DTT, 6% PEG6000. 37 °C. (b) Denaturing PAGE analysis of the incorporation of a single H 

nucleotide after 2 h. The bands were detected by FAM fluorescence. (c) Time-course analysis of the 

incorporation of a H nucleotide. N = 3. Error bars indicate standard errors. 

 
Figure 2-11. MALDI-TOF mass analysis of the products in the polymerase incorporation of dHTP. (a) A 

mass spectrum of the reaction mixture. A magnified spectrum is shown on the right. X = T. (b) A mass 

spectrum of the isolated product. X = A. Negative mode. Sodium adducts were also observed. 
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A and T were found to be the appropriate template bases for the incorporation of a H nucleotide. 

The same base selectivity was also observed when a natural nucleotide (dNTP) was incorporated 

into the opposite site of a template H nucleotide (Figure 2-12). The primer extension was examined 

in the presence of one of the dNTPs (10 equiv) with a template strand containing a H nucleotide 

(Figure 2-12a). The result showed that KF exo– appended dATP and dTTP more efficiently than 

dGTP and dCTP (Figrue 2-12b). 

This selectivity agrees well with the thermal stability of H–X pairs inside DNA duplexes 

(Figure 2-13). A thermal denaturation experiment was conducted with DNA duplexes containing a 

H–X, an A–T, or an A–A pair. The melting temperatures (Tm) of the duplexes were determined as 

the indexes of the thermal stability. The Tm values of the duplexes with a H–A or a H–T pair were 

higher than those with a H–G or a H–C. The result suggests that dHTP may be accommodated into 

the sites opposite A and T better than those opposite G and C, thus incorporated more efficiently. 

 

 

 
Figure 2-12. Polymerase incorporation of a natural nucleotide at the opposite site of H on the template. 

(a) Reaction scheme. [primer] = 1.0 μM, [template] = 1.5 μM, [dNTP] = 10 μM, [KF exo–] = 0.04 U μL–1 in 

10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM DTT, 6% PEG6000. 37 °C, 2 or 20 h. (b) 

Denaturing PAGE analysis. 20% gel, FAM detection. An A and a T nucleotides were incorporated more 

efficiently than the others. 
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The reaction rate of the incorporation of a H nucleotide into the opposite of A was compared 

with those of natural nucleotides (Figure 2-14a). Figure 2-14b shows the time-course of the primer 

extension reaction by KF exo– with dHTP or dNTP as a substrate. The incorporation of dHTP was 

much slower than that of dTTP, which forms a matched T–A pair with the A base on the template. 

Mismatched nucleotides (i.e. A, G, and C) were appended to the primer as slow as a H nucleotide. 

 
Figure 2-13. Melting analysis of DNA duplexes containing a H–N pair. N = A, T, G, C. [DNA duplex] = 1.0 

μM in 50 mM Tris–HCl buffer (pH 7.5), 10 mM MgCl2. 0.2 °C min–1. All the samples were annealed before 

the measurements. Melting curves of DNA duplexes containing an A–T pair or an A–A mismatch pair are 

also shown. 

 
Figure 2-14. Time-course analysis of the polymerase incorporation of dNTPs (N = H, A, T, G and C) to the 

opposite site of A. [primer] = 1.0 μM, [template] = 1.5 μM, [dNTP] = 10 μM, [KF exo–] = 0.04 U μL–1 in 10 

mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM DTT, 6% PEG6000. 37 °C. N = 3. Error bars 

indicate standard errors. 
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These results validate that dHTP was incorporated as a result of the misrecognition by the DNA 

polymerase in a manner similar to the incorporation of mismatched nucleotides. 

The sequence-dependency of the polymerase incorporation of a H nucleotide was then 

investigated with different natural DNA templates. First, a base pair at the primer terminus was 

varied to examine all the four combinations (Figure 2-15a; Y–Z = A–T, T–A, G–C, or C–G). 

Denaturing PAGE analysis showed that KF exo– incorporated dHTP regardless of the terminus 

base pair (Figure 2-15b). Next, the downstream template nucleotide was changed to check if the 

second H nucleotide would be inserted or not (Figure 2-16a; Y = A, T, G, or C). The result showed 

that a single H nucleotide was incorporated in all the cases, and further elongation did not occur 

even after 20 h (Figure 2-16b). Even with templates possessing consecutive AA or TT bases, more 

than one H nucleotide were not appended to the primer. Accordingly, these results suggest that the 

polymerase method can incorporate a single H nucleotide into any sequences. 

 

 

 
Figure 2-15. Polymerase incorporation of a H nucleotide with varying the primer terminus base pair. (a) 

Reaction scheme. [primer] = 1.0 μM, [template] = 1.5 μM, [dHTP] = 10 μM, [KF exo–] = 0.04 U μL–1 in 10 

mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM DTT, 6% PEG6000. 37 °C, 2 h. (b) Denaturing 

PAGE analysis. 20% gel, FAM detection.  
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The second primer extension to introduce natural nucleotides (dNTPs) was subsequently 

investigated with a primer strand possessing a H nucleotide at the 3′-end (Figure 2-17a). However, 

even after 20 h, KF exo– hardly extended the primer in the presence of dNTPs (Figure 2-17b). This 

is presumably because the H–X pair at the primer terminus behaved as a mismatch pair, thus 

inhibiting the further primer elongation.[7,8] To overcome this problem, Sulfolobus solfataricus DNA 

Polymerase IV (Dpo4), one of the Y-family polymerases that has a lesion bypass ability,[10] was 

examined for the second extension reaction as a more tolerant polymerase. Dpo4 polymerase was 

found to efficiently extend the H-bearing primer by bypassing the H–X mismatch, thus yielding a 

full-length product (Figure 2-17b). 

 

 

 
Figure 2-16. Polymerase incorporation of a H nucleotide with varying the downstream template 

nucleotides. (a) Reaction scheme. [primer] = 1.0 μM, [template] = 1.5 μM, [dHTP] = 10 μM, [KF exo–] = 

0.04 U μL–1 in 10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM DTT, 6% PEG6000. 37 °C, 2 

or 20 h. (b) Denaturing PAGE analysis. 20% gel, FAM detection.  
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The incorporation of dHTP in the first step was also examined with the use of Dpo4 

polymerase (Figure 2-18a). The primer extension was conducted at the optimal temperature for 

Dpo4 polymerase (55 °C) in the buffer used in the previous experiments (Figure 2-18b) as well as 

in an optimal buffer for Dpo4 (Figure 2-18c). Denaturing PAGE analysis of 2-h reactions showed 

that little dHTP was incorporated regardless of the opposite natural nucleobases (Figures 2-18b and 

2-18c). After 20 h, the primer extension proceeded with low efficiency, and some two-base longer 

products were observed. These results indicate that Dpo4 polymerase introduced dHTP much more 

slowly than KF exo– and was not able to control the number of H nucleotides, showing the 

necessity of KF exo– in the first step. Therefore, both KF exo– and Dpo4 are required for the 

polymerase synthesis of H-containing DNA strands. 

 

 

 

 

 

Figure 2-17. Enzymatic elongation of DNA strands after the H nucleotide. (a) Reaction scheme. 

[H-bearing strand] = 1.0 μM, [template] = 1.5 μM, [dNTPs] = 100 μM each, [KF exo–] = 0.04 U μL–1 or 

[Dpo4] = 0.02 U μL–1 in 10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM DTT, 6% PEG6000. 

37 °C, 1 or 20 h. (b) Denaturing PAGE analysis. 20% gel, FAM detection. 
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Based on these results, the two-step primer extesnion was designed to synthesize artificial 

DNA strands possessing a H nucleotide by using the two polymerases (Figrue 2-19a). KF exo– 

firstly incorporates dHTP into a site opposite A or T, and Dpo4 polymerase subsequently introduces 

natural nucleotides to afford a full-length product. Just before Dpo4 and dNTPs were added, the 

reaction mixture was heated to deactivate KF exo– because the polymerase has a terminal 

transferase (TdT) activity to append an extra nucleotide to the product.[24] Denaturing PAGE 

analysis showed that each step progressed in an almost quantitative manner (Figure 2-19b). 

Although Dpo4 polymerase also has a weaker TdT activity,[25] the one-base longer byproduct was 

hardly observed after 1 h. The product was isolated by denaturing PAGE and identified by 

MALDI-TOF mass spectrometry ([M–H]–: calcd. 8186.5, found 8187.0; Figure 2-19c). This result 

 
Figure 2-18. Enzymatic incorporation of a H nucleotide by Dpo4 polymerase. (a) Reaction scheme. 

[primer] = 1.0 μM, [template] = 1.5 μM, [dHTP] = 10 μM, [Dpo4] = 0.04 U μL–1. (b) A reaction in the buffer 

used for KF exo– (10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM DTT, 6% PEG6000). (c) A 

reaction in an optimal buffer for Dpo4 (20 mM Tris–HCl (pH 8.8), 10 mM (NH4)2SO4, 10 mM KCl, 2 mM 

MgSO4, 0.1% Triton® X-100, 6% PEG6000), 55 °C, 2 or 20 h. Denaturing PAGE analysis. 20% gel, FAM 

detection.  
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verifies that the polymerase synthesis can yield artificial H-bearing DNA strands without 

intermediate purification. 

 The sequence of the full-length product was first confirmed by a stepwise extension 

experiment (Figure 2-20a). The primer extension reactions in the second step were conducted by 

adding some of the four natural nucleotides. When only dCTP was added, the one-base longer 

product was predominantly yielded (Figure 2-20b). This indicates that a cytidine nucleotide was 

incorporated after the H nucleotide via the formation of a C–G base pair, and no further elongation 

took place due to the lack of the other natural nucleotides. In the same manner, the primers were 

extended as far as correct nucleotides can be incorporated. Accordingly, it was proved that Dpo4 

polymerase appended natural nucleotides to the primer in accordance with the template sequence. 

 
Figure 2-19. Enzymatic synthesis of DNA strands containing a hydroxypyridone (H) nucleotide. (a) 

Reaction scheme. (1st step) [primer] = 2.0 μM, [template] = 3.0 μM, [dHTP] = 20 μM, [KF exo–] = 0.08 U 

μL–1. 37 °C, 2 h. (2nd step) [primer] = 1.0 μM, [template] = 1.5 μM, [dHTP] = 10 μM, [dNTPs] = 100 μM 

each, [Dpo4] = 0.02 U μL–1. 37 °C, 1 h. In 10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM 

DTT, 6% PEG6000. The reactions were carried out by the sequential addition of the corresponding 

triphosphates and the polymerases without purification of the intermediate. (b) Denaturing PAGE analysis. 

20% gel, FAM detection. (c) MALDI-TOF mass analysis of the product. Negative mode. 
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MALDI-TOF mass analysis of the digested product further supports the accuracy of the 

sequence (Figure 2-21). The full-length product was hydrolyzed from the 3′-end by 

phosphodiesterase I. The digested sample was subsequently analyzed by MALDI-TOF mass 

spectrometry.[26] The mass differences between the successive peaks in the spectrum agreed well 

with the molecular weights of the nucleotides in the desired sequence. The result validates that the 

polymerase synthesis can afford artificial H-containing DNA strands with high fidelity of the 

sequence. 

 

 
Figure 2-20. Stepwise extension of DNA strands after the H nucleotide by Dpo4 polymerase. (a) Reaction 

scheme. [primer] = 1.0 μM, [template] = 1.5 μM, [dHTP] = 10 μM, [dNTPs] = 100 μM each, [Dpo4] = 0.02 

U μL–1 in 10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM DTT, 6% PEG6000. 37 °C, 1 h. (b) 

Denaturing PAGE analysis. 20% gel, FAM detection. 
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To demonstrate the versatility of the synthetic procedure with the two polymerases, the 

two-step primer extension reactions were performed with DNA templates having different 

sequences. As shown in Figure 2-15, the incorporation of dHTP in the first step quantitatively 

proceeded regardless of the primer terminus base pair. When the downstream template nucleotide 

was varied, the polymerase reactions yielded the full-length product in all the cases (Figure 2-22; X 

= A or T, Y = A, T, G, or C). Next, I examined if a correct nucleotide is incorporated after the H 

nucleotide for all the eight sequences (Figure 2-23). The second primer extension was carried out 

by adding one of the four dNTPs. Denaturing PAGE analysis showed that the primer was not 

elongated in the presence of only mismatched nucleotides. In contrast, when the correct nucleotide 

was added, Dpo4 efficiently extended the primer. Accordingly, Dpo4 polymerase appended correct 

natural nucleotides to the H-bearing primer with all the eight templates. The results indicate that the 

polymerase synthesis can afford artificial DNA strands with a desired sequence regardless of the 

downstream template nucleotides. Taken all together, the two-step primer extension is capable of 

incorporating a H nucleotide into a DNA strand for all sequence combinations (5′-NHN′-3′, N, N′ = 

 
Figure 2-21. MALDI-TOF mass analysis of the full-length product after enzymatic digestion by 

phosphodiesterase I. Negative mode. Sodium adducts were also observed. Calculated mass is shown in 

the parenthesis.  
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A, T, G, or C). Accordingly, H-bearing DNA strands with desired sequences can be obtained by the 

enzymatic synthesis with natural complementary template strands. 

  

 

 

 

 

Figure 2-22. Enzymatic synthesis of DNA strands containing a hydroxypyridone (H) nucleotide. (a) 

Reaction scheme. (1st step) [primer] = 2.0 μM, [template] = 3.0 μM, [dHTP] = 20 μM, [KF exo–] = 0.08 U 

μL–1. 37 °C, 2 h. (2nd step) [primer] = 1.0 μM, [template] = 1.5 μM, [dHTP] = 10 μM, [dNTPs] = 100 μM 

each, [Dpo4] = 0.02 U μL–1. 37 °C, 1 h. In 10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM 

DTT, 6% PEG6000. (b) Denaturing PAGE analysis. 20% gel, FAM detection. 



 55 

 

 

 
Figure 2-23. Polymerase incorporation of natural nucleotides after a hydroxypyridone (H) nucleotide. (a) 

Reaction scheme. [primer (H-bearing strand)] = 1.0 μM, [template] = 1.5 μM, [dNTP] = 100 μM, [Dpo4] = 

0.02 U μL–1. 37 °C, 1 h. In 10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1 mM DTT, 6% 

PEG6000. (b, c) Denaturing PAGE analysis. 20% gel, FAM detection. In some cases the further 

elongation was observed because natural nucleotides were incorporated after the matched base pair. 
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Although the unnatural triphosphate is needed for the enzymatic reaction, the two-step primer 

extension can afford artificial DNA strands containing a H nucleotide with commercially available 

polymerases and general equipment. Importantly, the reactions can be performed by the sequential 

addition of the triphosphates and polymerases without purification of the intermediate. Therefore, 

the polymerase synthesis developed here allows for the facile preparation of artificial DNA strands 

bearing ligand-type nucleotides.  
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第 2章以降の節(3–7)は 5年以内に５年以内に論文誌で刊行予定のた
め、非公開。 
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3-1. Introduction 
 

In chapter 2, I have established the facile synthetic methods of artificial ligand-bearing DNA 

strands with the use of enzymes. These enzymatic methods offer a powerful tool for developing 

metal-responsive functional DNAs based on metal-mediated base pairing. Accordingly, unnatural 

ligand-type, hydroxypyridone (H) nucleotides can be easily incorporated into DNA strands to 

impart CuII responsiveness to known functional DNA molecules. In this study, I have chosen 

deoxyribozymes (DNAzymes) as a target functional DNA molecule. DNAzymes are catalytically 

active DNA strands that can catalyze various reactions, and have been utilized as key components 

of diverse DNA-based supramolecules and nanomachines.[1] I have applied the enzymatic methods 

to develop metal-responsive DNAzymes. The activity of DNAzymes can be regulated by the 

formation of a H–CuII–H base pair. As DNAzymes have been widely used for constructing 

DNA-based biosensors, logic gates, and molecular machines,[2] the development of 

stimulus-responsive DNAzymes has been highly demanded for the construction of sophisticated 

DNA-based molecular systems. 

One of the methods to endow DNAzymes with responsiveness to specific external stimuli is the 

use of split DNAzymes. Parent DNAzymes are separated into several strands, and the external 

stimuli induce the association of the split strands to restore the original catalytic activities.[3–15] For 

example, Kolpashchikov developed a split DNAzyme that responds to DNA analytes.[3] A known 

RNA-cleaving DNAzyme was divided into two halves, and the addition of a DNA strand induced 

the reconstruction of the catalytically active DNAzyme structure, leading to the cleavage of an 

RNA substrate. Willner et al. utilized the split DNAzymes as subunits of DNA logic gates, in which 

the DNAzymes cleaved substrates in response to appropriate input DNA strands (Figure 3-1a).[4] 

Willner et al. fabricated peroxidase-mimicking split DNAzymes, which were activated by the 

addition of an input oligonucleotide.[5] Kolpashchikov and Zhou et al. independently exploited the 

split DNAzymes for discriminating single nucleotide polymorphisms (SNPs) (Figure 3-1b).[6] 

Hybridization of split DNAzymes can be triggered not only by oligonucleotides but also by other 
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stimuli such as small molecules,[7,8] pH changes,[9] and light.[10,11] Willner et al. also developed 

HgII-responsive split DNAzymes by using a HgII-mediated thymine base pair (T–HgII–T)[16].[8,12] 

Thus, split DNAzymes offer a compelling platform for developing stimulus-responsive DNA 

systems. 

In this chapter, I describe the development of split-type CuII-responsive DNAzymes that can be 

activated by the formation of a metal-mediated H–CuII–H base pair. H–CuII–H base pairing greatly 

increases the thermal stability of DNA duplexes (ΔTm = +13 °C in a typical case) and can trigger 

association of DNA strands in a CuII-responsive manner.[17] I expected that this CuII-induced DNA 

hybridization can be utilized for the regulation of catalytic activities of split DNAzymes. By 

incorporating H nucleotides into known split DNAzymes, the DNAzyme activities would be 

modulated through hybridization of the split strands triggered by H–CuII–H base pairing. As a 

consequence, CuII-responsive DNAzymes can be constructed with a H–CuII–H base pair. 

 
Figure 3-1. Examples of stimulus-responsive split DNAzymes. (a) RNA-cleaving DNAzyme as a subunit 

of DNA-based logic gates. The addition of input DNA strands induced the association of the split 

DNAzymes, leading to output fluorescence signals. Reproduced from ref. [4a]. Copyright 2010 Nature 

Publishing Group. (b) Colorimetric SNP analysis by using a split G-quadruplex peroxidase-mimicking 

DNAzyme. A specific DNA analyte restored the active DNAzyme structure, thus allowing SNP 

discrimination. Reproduced from ref. [6b]. Copyright 2008 American Chemical Society.  
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Figure 3-2 represents a design strategy of CuII-responsive split DNAzymes. A reported 

DNAzyme is divided into two strands, and a H nucleotide is incorporated into a stem site of each 

split strand (Figure 3-2a). The formation of a H–CuII–H base pair would induce the hybridization of 

the two strands. As a result, a catalytically active DNAzyme structure is reconstructed, and thus its 

catalytic activity is restored (Figure 3-2b). To fabricate CuII-responsive DNAzymes, DNA strands 

containing a H nucleotide at different positions were prepared by the polymerase synthesis 

described in the section 2-2. The enzymatic method would facilitate the screening of DNA sequence 

variations, leading to the development of a DNAzyme that responds to CuII ions with a large on–off 

contrast. Owing to the reversible complexation of H–CuII–H, the activity of the H-modified 

DNAzyme would be reversibly regulated by the addition and removal of CuII ions. It was also 

expected that redox reactions of CuII ions can be utilized for the modulation of the DNAzyme 

activity. 

As the split design presented here is grounded on the hybridization of DNA strands induced by 

metal-meidated base pairing, this strategy would be applied for the regulation not only of 

DNAzyme activties but also of other DNA functions and structures. Accordingly, this study would 

provide the basis for the construction of metal-responsive DNA systems. 

 
Figure 3-2. (a) Development of CuII-responsive split DNAzymes through the incorporation of 

hydroxypyridone (H) nucleotides. (b) CuII-dependent regulation of the activity of split DNAzymes by the 

formation of a H–CuII–H base pair. “rA” in the substrate strand represents an adenosine ribonucleotide. 
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3-2. Design and synthesis of CuII-responsive split DNAzymes 
 

As a proof-of-concept, I selected a reported RNA-cleaving DNAzyme (E5 DNAzyme)[18] and 

converted it into a CuII-responsive split DNAzyme by incorporating hydroxypyridone (H) 

nucleotides as a CuII-binding site (Figure 3-3). E5 DNAzyme, reported by Breaker and Joyce in 

1995, cleaves RNA substrates as well as DNA strands containing a ribonucleotide at the cleavage 

site in the presence of MgII ions as a cofactor. It is composed of a variable stem–loop, a catalytic 

domain, and a substrate-binding site. E5 DNAzyme is known to be separable into two strands, thus 

utilized in many previous studies.[3,4,7,9,10,12,13] Its catalytic activity can be restored by the 

hybridization of the two split strands triggered by external stimuli such as oligonucleotides,[3,4] 

small molecules,[7] pH changes,[9] and light.[10] In my design, the DNAzyme was split into two 

strands and a H–H mismatch pair was introduced in the stem region. In the absence of CuII ions, the 

split strands would be dissociated, and the DNAzyme would not cleave an RNA substrate. It was 

expected that only in the presence of CuII ions the catalytically active structure is reconstructed 

through the CuII-specific formation of a H–CuII–H base pair. 

I prepared several split DNAzymes to find out an appropriate stem length and the optimal 

position of the H–H pair. To achieve the regulation of the DNAzyme activity, the thermal stability 

of the stem duplex should be tuned so that the split strands are associated when CuII ions are added. 

The stem length and the H–H position were expected to have a large influence on the thermal 

stability of the stem duplex. The position of the artificial base pair is also crucial for retaining the 

 
Figure 3-3. Design of CuII-responsive split DNAzymes. H: hydroxypyridone ligand-type nucleotide, rA: 

adenosine ribonucleotide. 
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catalytically active structure of the DNAzyme. The sequences of the DNAzymes for screening are 

shown in Figure 3-4 and Table 3-1. A H–H mismatch pair was incorporated into the different 

positions of the stem region (A1–B1, A2–B2, A3–B3, and A7–B7), and the stem lengths were 

varied as 5, 8, and 11 base pairs (A5bp–B11bp, A3–B11bp, and A11bp–B11bp, respectively). 

All the H-bearing DNA strands were prepared by the enzymatic synthesis using the two DNA 

polymerases (see section 2-2 for the details). The two-step primer extension yielded the artificial 

DNA strands containing one H nucleotide. Because too short DNA strands do not function as 

primers for the polymerase synthesis, DNA strands possessing a H nucleotide near the 5′-end were 

synthesized with longer primer strands. After the polymerase reactions, the extra 5′-terminus was 

cut off by a nicking endonuclease (Nt. AlwI). The recognition sequence of Nt. AlwI was embedded 

into the extra overhang as shown in Table 3-2. As the endonuclease recognizes only the 5′-side of 

the cleavage site (i.e. the extra 5′-region), DNA strands containing a H nucleotide can be 

synthesized without any sequence limitation. Figure 3-5 represents a typical result of the enzymatic 

synthesis of a H-modified DNAzyme strand. Both the incorporation of a H nucleotide (step 1) and 

 

Figure 3-4. Design of H-containing DNA strands for CuII-responsive DNAzymes. The sequences are 

listed in Table 3-1.  
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the further elongation (step 2) progressed almost quantitatively. The cleavage of the extra 

5′-terminus (step 3) afforded a product in over 80% yield. The desired H-modified DNAzyme 

strands were successfully purified by standard denaturing PAGE, gel filtration, and isopropanol 

precipitation. They were characterized by MALDI-TOF mass spectrometry (Figure3-5c, Table 3-1). 
 

  

 
Figure 3-5. Enzymatic synthesis of H-containing DNA strands for CuII-responsive split DNAzymes. (a) 

Synthetic scheme. The extra 5′-region was cleaved by a nicking endonuclease (Nt. AlwI) in Step 3. (b) A 

typical result of the enzymatic synthesis (A11bp). Denaturing PAGE. (c) MALDI-TOF MS analysis of the 

product. Negative mode. Sodium adducts were also observed. (Step 1) [primer] = 2.0 μM, [template] = 3.0 

μM, [dHTP] = 20 μM, [KF exo–] = 0.08 U μL–1 in 10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 1.0 

mM DTT, 6% PEG6000. 37 °C, 2 h. (Step 2) [primer] = 1.0 μM, [template] = 1.5 μM, [dHTP] = 10 μM, 

[dNTPs] = 100 μM each, [Dpo4] = 0.02 U μL–1 in 10 mM Tris–HCl (pH 7.9), 50 mM NaCl, 10 mM MgCl2, 

1.0 mM DTT, 6% PEG6000. 37 °C, 1 h. (Step 3) [primer] = 2.0 μM, [template] = 3.0 μM, [Nt. AlwI] = 0.2 U 

μL–1 in 50 mM AcOK, 20 mM Tris–acetate (pH 7.9), 10 mM Mg(AcO)2, 0.1 mg mL–1 BSA. 37 °C, 20 h.  
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Table 3-1. Sequences of H-containing DNA strands for CuII-responsive DNAzymes 

Name Sequencea (5′ to 3′) [M–H]– Calcd.b Obs.c 

A1 p-CTGCTCAGCGATHAACGTAC C195H247N72O121P20 6155.0 6154.7 

A2 p-CTGCTCAGCGATTHACGTAC C195H248N69O123P20 6146.0 6146.0 

A3 p-CTGCTCAGCGATTAHCGTAC C195H248N69O123P20 6146.0 6146.6 

A7 CTGCTCAGCGATTAACGTHC C195H247N69O120P19 6066.0 6067.0 

A5bp p-CTGCTCAGCGATTAHCG C166H211N59O105P17 5239.4 5238.8 

A11bp p-CTGCTCAGCGATTAHCGTACGTA C225H285N81O141P23 7092.6 7092.6 

B1 p-GTACGTTHCACCCATGTTAGAGA C226H285N83O140P23 7116.6 7118.7 

B2 p-GTACGTHACACCCATGTTAGAGA C226H284N86O138P23 7125.6 7127.2 

B3 p-GTACGHTACACCCATGTTAGAGA C226H284N86O138P23 7125.6 7126.7 

B7 p-GHACGTTACACCCATGTTAGAGA C226H284N86O138P23 7125.6 7125.4 

B11bp p-TACGTACGHTACACCCATGTTAGAGA C255H321N96O156P26 8032.2 8032.6 

a “p” stands for a 5′-phosphate group. b Calculated molecular mass for [M–H]–. c Mass observed in MALDI-TOF MS 

analysis. 
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Table 3-2. Primers and templates used for synthesizing H-containing DNA strands  

Target  Sequencea (5′ to 3′) 

A1 
primer FAM-CGG ATC GAA T^CT GCT CAG CGA T 

template GTA CGT TAA TCG CTG AGC AGA TTC GAT CCG T 

A2 
primer FAM-CGG ATC GAA T^CT GCT CAG CGA TT 

template GTA CGT TAA TCG CTG AGC AGA TTC GAT CCG T 

A3 
primer FAM-CGG ATC GAA T^CT GCT CAG CGA TTA 

template GTA CGA TAA TCG CTG AGC AGA TTC GAT CCG T 

A7 
primer CTG CTC AGC GAT TAA CGT 

template CTC TGT ACG TTA ATC GCT GAG CAG ATT CGA TCC GT 

A5bp 
primer FAM-CGG ATC GAA T^CT GCT CAG CGA TTA 

template CGA TAA TCG CTG AGC AGA TTC GAT CCG T 

A11bp 
primer FAM-CGG ATC GAA T^CT GCT CAG CGA TTA 

template TAC GTA CGA TAA TCG CTG AGC AGA TTC GAT CCG T 

B1 
primer FAM-TTC ACC GGA TCG AAT^ GTA CGT T 

template TCT CTA ACA TGG GTG TAA CGT ACA TTC GAT CCG GTG AAA 

B2 
primer FAM-TTC ACC GGA TCG AAT^ GTA CGT  

template TCT CTA ACA TGG GTG TAA CGT ACA TTC GAT CCG GTG AAA 

B3 
primer FAM-TTC ACC GGA TCG AAT^ GTA CG  

template TCT CTA ACA TGG GTG TAA CGT ACA TTC GAT CCG GTG AAA 

B7 
primer FAM-TTC ACC GGA TCG AAT^ G 

template TCT CTA ACA TGG GTG TAA CGT ACA TTC GAT CCG GTG AAA 

B11bp 
primer FAM-CGG ATC GAA T^TA CGT ACG 

template TCT CTA ACA TGG GTG TAA CGT ACG TAA TTC GAT CCG G 

a The recognition sites for the nicking endonuclease (Nt. AlwI) are shown in italic, and the nicking sites are indicated 

by “^”. The incorporation sites for a H nucleotide on the template strands are shown in bold. 
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3-3. Sequence investigation of a CuII-responsive split DNAzyme 
 

To find out a CuII-responsive DNAzyme, the RNA-cleaving activity of each H-modified 

DNAzyme was evaluated in the absence and in the presence of equimolar CuII ions. The reaction 

was performed with one equivalent of a substrate labeled with a FAM fluorophore, and the 

substrate cleavage was analyzed by denaturing PAGE. The fraction of the cleaved substrate was 

calculated from the band intensities (Figures 3-6, 3-7, and 3-8). 

The stem length was first fixed to 8 base pairs, and the position of the H–H pair was changed 

(Figure 3-7). A DNAzyme possessing a H–H pair next to the catalytic domain (A1–B1) showed a 

rather low activity (less than 30% cleavage) even in the presence of CuII ions. The H–CuII–H base 

pair formed close to the catalytic domain was likely to distort the catalytically active structure 

because its C1′–C1′ distance (12.7 Å in a DNA analogue[19]) is longer than that of natural Watson–

Crick base pairs (10.7 Å). The incorporation of unnatural nucleotides may have also disrupted the 

intrinsic interactions necessary for the folding of the DNAzyme tertiary structure. A DNAzyme 

possessing a H–H pair near the stem terminus (A7–B7) exhibited an activity comparable to the 

original E5 DNAzyme (around 90% cleavage) both in the absence and in the presence of CuII ions. 

 
Figure 3-6. Denaturing PAGE analysis of the RNA-cleaving activity of the modified DNAzymes containing a 

H–H base pair. (a) DNAzymes containing a H–H base pair at different positions. (b) DNAzymes containing a 

H–H pair with different stem lengths. [DNAzyme] = 1.0 μM, [substrate] = 1.0 μM, [CuSO4] = 0 or 1.0 μM in 

10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2. 25 °C, 3 h. FAM detection. 
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This may result from the thermal stability of the stem duplex having a H–H mismatch, which is 

high enough to be hybridized even under the CuII-free condition. Among the sequences tested, a 

DNAzyme containing a H–H pair at the third position (A3–B3) showed the highest turn-on ratio 

(4.8). 

Next, the stem length was altered from 5 to 11 base pairs with the position of the H–H pair 

fixed at the third position (Figure 3-8). A DNAzyme with a shorter stem (A5bp–B11bp) did not 

cleave the substrate even in the presence of CuII ions. This 5-base-pair (bp) duplex is not thermally 

stable enough to associate the split DNAzyme strands in response to CuII ions. In contrast, a 

DNAzyme with a longer stem (A11bp–B11bp) exhibited an RNA-cleaving activity comparable to 

E5 DNAzyme both in the presence and in the absence of CuII ions. This result can be attributed to 

the high stability of the 11-bp stem duplex even with a H–H mismatch pair. The activity of the 

DNAzyme with an 8-bp stem (A3–B11bp) was efficiently regulated in response to CuII ions 

through the hybridization of the split strands mediated by H–CuII–H base pairing. 

 
Figure 3-7. RNA-cleaving activity of modified DNAzymes containing a H–H base pair at the different 

positions in the stem. (a) Sequences of the stem region of the DNAzymes. (b) RNA-cleaving activity. 

[DNAzyme] = 1.0 μM, [substrate] = 1.0 μM, [CuSO4] = 0 or 1.0 μM in 10 mM HEPES (pH 7.0), 1.0 M NaCl, 

10 mM MgCl2. 25 °C, 3 h. N = 3. Error bars indicate standard errors. 
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Taken all together, the highest turn-on ratio was observed with a DNAzyme containing a H–H 

pair at the third position in the 8-bp stem (A3–B3), which is hereafter referred to as split 

H-DNAzyme (Figure 3-9). In the presence of one equivalent of CuII ions, the activity of the split 

H-DNAzyme was enhanced five-fold, which is acceptable for further application to develop 

DNA-based systems such as logic gates and molecular machines.  

  

 
Figure 3-8. RNA-cleaving activity of the modified DNAzymes containing a H–H base pair with different 

stem lengths. (a) Sequences of the stem region of the DNAzymes. (b) RNA-cleaving activity. [DNAzyme] = 

1.0 μM, [substrate] = 1.0 μM, [CuSO4] = 0 or 1.0 μM in 10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM 

MgCl2. 25 °C, 3 h. N = 3. Error bars indicate standard errors. 

 
Figure 3-9. Sequence of the most active CuII-responsive split DNAzyme (split H-DNAzyme). 
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3-4. Activity assay of the CuII-responsive split DNAzyme  
 

The catalytic activity of the split H-DNAzyme was further evaluated with an excess amount of 

the RNA substrate ([substrate]/[H-DNAzyme] = 10). Figure 3-10 shows the time-course analysis of 

the RNA-cleaving reactions by the split H-DNAzyme and the original E5 DNAzyme. Apparent 

first-order rate constants (kobs) were estimated from the initial velocities. The result showed that the 

split H-DNAzyme catalytically cleaved the excess amount of the substrate. The initial rate of the 

RNA-cleaving reaction in the presence of CuII ions (kobs = 0.16 ± 0.01 h–1) was 5.5-times higher 

than that in the absence of CuII (0.029 ± 0.004 h–1). This result supports that the activity of the split 

H-DNAzyme was regulated in a CuII-dependent manner. The rate of the RNA-cleaving reaction 

catalyzed by the split H-DNAzyme (kobs = 0.16 ± 0.01 h–1) was slightly decreased from that of the 

original E5 DNAzyme (0.23 ± 0.01 h–1). This is possibly due to the slight distortion of the 

catalytically active structure by a H–CuII–H artificial base pair. The addition of CuII ions neither 

changed the activity of the original E5 DNAzyme (black and gray lines), nor caused substrate 

cleavage without DNAzymes (blue line). Therefore, the CuII-induced acceleration of the reaction 

was attributed to the enhancement of the catalytic activity of the H-DNAzyme itself. 

 

 
Figure 3-10. RNA-cleaving activity of the split H-DNAzyme and the original E5 DNAzyme in the absence 

and in the presence of one equivalent of CuII ions. [DNAzyme] = 1.0 μM, [substrate] = 10 μM, [CuSO4] = 0 

or 1.0 μM in 10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2. 25 °C. N = 3. Error bars indicate standard 

errors. 
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Next, the activity of the split H-DNAzyme was assessed at different concentrations of CuII ions 

(Figure 3-11). The addition of more than one equivalent of CuII ions did not enhance the DNAzyme 

activity. It shows that an equimolar amount of CuII ions is enough to activate the split H-DNAzyme. 

This result agrees with the previous observation that a H–CuII–H base pair formed almost 

quantitatively within a duplex even at micromolar concentrations.[17] These results confirmed that 

the quantitative formation of a H–CuII–H base pair associated the split strands, resulting in the 

reconstruction of the active DNAzyme structure. 

To verify the CuII-triggered association of the split H-DNAzyme, the melting temperature (Tm) 

of the stem duplex was roughly estimated under the reaction condition (Table 3-3). The thermal 

stability of the 8-bp stem duplex possessing a H–H pair was estimated by the melting temperatures 

(Tm) of 15-bp DNA duplexes possessing a T–T, a C–G, a H–H, or a H–CuII–H base pair and 8-bp 

stem duplexes possessing a T–T or a C–G pair instead of a H–H pair. Assuming that the differences 

in the Tm values are the same as the 15-bp duplexes and the 8-bp stems, the thermal stability was 

estimated as follows, 

Tm(8-bp, H–H) = Tm(8-bp, T–T) + {Tm(15-bp, H–H) – Tm(15-bp, T–T)}, 

Tm(8-bp, H–CuII–H) = Tm(8-bp, C–G) + {Tm(15-bp, H–CuII–H) – Tm(15-bp, C–G)}. 

The estimated Tm values of the stem in the split H-DNAzyme were 16.5 °C and 41.7 °C in the 

 
Figure 3-11. RNA-cleaving activity of the split H-DNAzyme at different concentrations of CuII ions. 

[H-DNAzyme] = 1.0 μM, [substrate] = 1.0 μM, [CuSO4] = 0, 1.0, 2.0, or 3.0 μM in 10 mM HEPES (pH 7.0), 

1.0 M NaCl, 10 mM MgCl2. 25 °C, 3 h. N = 4. Error bars indicate standard errors. 
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absence and in the presence of CuII ions, respectively. This result corroborates that the formation of 

a H–CuII–H base pair triggers the hybridization of the stem duplex to restore the catalytically active 

structure of the split H-DNAzyme. 

Table 3-3. Melting temperatures of DNA duplexes under the condition for the DNAzyme reactiona 

X–Y T–T H–H C–G H–CuII–H 
15-bpb 

duplex b 

46.6 ± 0.6 47.4 ± 0.8 57.9 ± 0.8 65.2 ± 0.5 
8-bp stem c 15.7 ± 1.5 (16.5)d 34.4 ± 0.7 (41.7) d 

a Averages of three runs are shown with standard errors. [DNA duplex] = 2.0 µM, [CuSO4] = 0 or 2.0 µM (1.0 equiv) in 

10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2. 0.2 °C min–1. b (5′-CAC ATT AXT GTT GTA-3′)·(3′-GTG TAA 

TYA CAA CAT-5′). c (5′-GTA CGX TA-3′)·(3′-CAT GCY AT-5′). d These Tm values were roughly estimated as 

follows: Tm(8-bp, H–H) = Tm(8-bp, T–T) + {Tm(15-bp, H–H) – Tm(15-bp, T–T)}, Tm(8-bp, H–CuII–H) = Tm(8-bp, C–G) 

+ {Tm(15-bp, H–CuII–H) – Tm(15-bp, C–G)}. 
 

It should be noted that the DNAzyme activity was regulated through the incorporation of only a 

single H–CuII–H base pair. The formation of one H–CuII–H base pair significantly raises the 

thermal stability of DNA duplexes (ΔTm = +18 °C under the reaction condition), thus inducing the 

CuII-responsive DNA hybridization efficiently. In addition, CuII ions specifically bind to H 

nucleotides without interfering natural nucleobases, resulting in the selective formation of the active 

structure. Therefore, H–CuII–H base pairing is more suited for the development of metal-responsive 

functional DNAs than widely utilized HgII- and AgI-mediated base pairs consisting of natural 

pyrimidine bases (i.e. T−HgII−T[16] and C−AgI−C[20]).[21] To validate the superiority, two split 

DNAzymes were prepared by replacing a H–H pair in the H-DNAzyme with a T–T and a C–C pairs 

(Figure 3-12a). They would be activated by the formation of a T−HgII−T and a C−AgI−C base pairs, 

respectively. The DNAzyme activities, however, were not increased by the addition of equimolar 

HgII or AgI ions, while the split H-DNAzyme was activated by adding CuII ions under the same 

condition (Figure 3-12b). This result shows that T−HgII−T and C−AgI−C base pairing cannot 

induce the association of the split DNAzymes possibly due to the smaller stabilization effect (ΔTm = 

2–9 °C)[22] than that by H–CuII–H. This is also because HgII and AgI ions were likely to bind to the 

DNAzyme and the substrate strands in an unspecific manner. The result agreed with the precedent 
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studies that needed to use multiple T−HgII−T and C−AgI−C base pairs for the regulation of 

DNAzyme activities.[8,12–14] 

  

 

 

 

 

 

  

 
Figure 3-12. RNA-cleaving activity of the split DNAzymes containing a H–H, a T–T, or a C–C base pair in 

the absence and in the presence of one equivalent of metal ions. (a) Reaction scheme. [DNAzyme] = 1.0 

μM, [substrate] = 1.0 μM, [metal ion] = 0 or 1.0 μM in 10 mM HEPES (pH 7.0), 1.0 M NaNO3, 10 mM 

Mg(NO3)2. 25 °C, 3 h. (b) Denaturing PAGE analysis. FAM detection. 
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3-5. Metal selectivity of the CuII-responsive split DNAzyme 
 

The metal selectivity of the split H-DNAzyme was then studied. Figure 3-13 shows the fraction 

of the cleaved RNA substrate in the presence of one equivalent of various transition metal ions. For 

the experiments with HgII and AgI ions, chloride ions in the buffer were replaced by nitrate ions. 

Among metal ions tested, only CuII ions enhanced the catalytic activity while the other metal ions 

did not have any influence on the cleavage reaction.  

This excellent metal specificity is fairly consistent with the selective formation of a H–CuII–H 

base pair in a DNA duplex. Figure 3-14 shows the melting profiles of a 15-bp duplex containing a 

H–H pair in the presence of the metal ions discussed above. The addition of one equivalent of CuII 

ions greatly stabilized the duplex (ΔTm = +13 °C) through the formation of a H–CuII–H base pair. In 

the cases with most of the other metal ions except FeII ions, the thermal stability of the duplex was 

not changed at all, thus showing the high metal selectivity of a H–H pair. 

It should be noted that FeII ions increased the thermal stability of the DNA duplex while it did 

not activate the H-DNAzyme. FeII ions form a 3:1 octahedral complex in general, which would 

severely distort the DNAzyme structure upon binding to H nucleotides. No activation of the 

DNAzyme can be also ascribed to the weaker binding of FeII ions, which is inferred from the 

 
Figure 3-13. Metal selectivity of the split H-DNAzyme. [DNAzyme] = 1.0 μM, [substrate] = 1.0 μM, [metal 

ions] = 1.0 μM (1.0 equiv) in 10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2. 25 °C, 3 h. N = 3. For the 

experiments with HgII and AgI ions, NaCl and MgCl2 in the buffer were replaced by NaNO3 and Mg(NO3)2, 

respectively. Error bars indicate standard errors. 
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non-sigmoidal melting curve. It was previously reported that H nucleotides can form 3:1 complexes 

with FeIII ions to provide triple-stranded DNA helices, but only at a high concentration (50 µM).[23] 

The previous finding is compatible with the results that FeIII ions did not enhance the DNAzyme 

activity or stabilize the H-containing duplex. 

More importantly, the split H-DNAzyme was activated neither by HgII nor AgI ions, which are 

widely exploited for the formation of T–HgII–T and C–AgI–C base pairs. This result suggests that 

the CuII-responsive H-DNAzyme can be regulated in an orthogonal manner with HgII- or 

AgI-responsive DNA systems using T–HgII–T and C–AgI–C base pairs. The multimetal-dependent 

regulation of DNAzyme activities will be discussed in chapter 5. 
  

 

Figure 3-14. Melting analysis of DNA duplexes containing a H–H pair in the presence of various metal 

ions. Duplex sequence: (5′-CAC ATT AHT GTT GTA-3′)·(3′-GTG TAA THA CAA CAT-5′). [DNA duplex] = 

2.0 μM, [metal ions] = 2.0 μM (1.0 equiv) in 10 mM HEPES (pH 7.0), 100 mM NaCl (a) or NaNO3 (b). 

0.2 °C min–1. All the samples were annealed before the measurement.  
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Figure 3-15. Regulation of the RNA-cleaving activity of the split H-DNAzyme by the addition and removal of 

CuII ions. (a) Activation of the split H-DNAzyme by adding one equivalent of CuII ions. (b) Deactivation of the 

split H-DNAzyme by removing CuII ions. The reaction was initiated in the presence of 1.0 equivalent of CuII 

ions. After 1 h, 1.0 equivalent of a CuII-binding tripeptide, Gly-His-Lys (GHK), was added to remove CuII ions. 

(c) Repetitive switching of the activity of H-DNAzyme by the alternate addition of CuII ions and a GHK 

peptide. In this experiment, a two-base shorter strand (5′-CTC TAT rAGG AGC A-3′) was used as a 

substrate. [DNAzyme] = 1.0 μM, [substrate] = 10 μM in 10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2. 

25 °C. N = 3. The activities of the H-DNAzyme in the presence and in the absence of CuII ions are also 

shown as a red solid line and a red dashed line, respectively. Error bars indicate standard errors. 
  

3-6. CuII-dependent regulation of the DNAzyme activity 
 

The regulation of the DNAzyme activity was examined by the addition and removal of CuII 

ions. Figure 3-15a represents the result of the CuII-induced activation of the split H-DNAzyme. The 

RNA-cleaving reaction was initiated without CuII ions. After 1 h, equimolar CuII ions were added to 

the reaction mixture to activate the DNAzyme (blue line). The DNAzyme activity was instantly 

increased to almost the same level as observed when the reaction started with CuII ions. This result 

indicates that the fast formation of a H–CuII–H base pair enabled the quick activation of the split 

H-DNAzyme under an isothermal condition. Next, deactivation of the split DNAzyme was 

demonstrated by removing CuII ions with the use of a natural CuII-binding peptide, Gly-His-Lys 

(GHK),[24] as a chelator (Ka = 7 × 1014 M).[25] The addition of one equivalent of GHK rapidly 

diminished the catalytic activity (Figure 3-15b, green line). The activity decrease was ascribed to 

the disassembly of the two split strands via the dissociation of the H–CuII–H base pair caused by the 

removal of CuII ions. Moreover, the iterative switching of the DNAzyme activity was accomplished 
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by the alternate addition and removal of CuII ions (Figure 3-15c). A two-base shorter substrate 

strand was used to suppress the DNAzyme activity in the absence of CuII ions, leading to a larger 

on–off ratio (ca. 10). The result shows that the second addition of one equivalent of CuII ions 

revived the split H-DNAzyme (purple line). In a consequence, the DNAzyme activity was 

repetitively switched by the alternate addition of CuII ions and the CuII-binding peptide. 

The DNAzyme activity was also modulated based on the redox reactions of CuII ions. Redox 

reactions of metal ions have been widely utilized for controlling structures of polymers[26] and 

supramolecules[27] and dynamics of molecular machines.[28] The redox chemistry has also attracted 

much attention in the field of DNA-based supramolecular chemistry[29–31] and recently applied to 

regulate the thermal stability of a DNA duplex possessing a CuI-mediated base pair.[32] Accordingly, 

the redox-dependent activity of the split H-DNAzyme was assayed by using ascorbate and 

hypochlorite as a reductant and an oxidant, respectively. First, the deactivation of the split 

H-DNAzyme was examined by reducing CuII ions (Figure 3-16a). When sodium ascorbate (Asc) 

was added to a mixture of the H-DNAzyme and CuII ions, the RNA-cleaving activity was 

immediately decreased to the level observed under the CuII-free condition. The addition of the 

reductant presumably triggered the dissociation of the H–CuII–H base pair, resulting in the 

deactivation of the split H-DNAzyme. Figure 3-16b shows the reactivation of the DNAzyme by the 

addition of the oxidant. The reaction was initiated in the presence of both CuII ions and ascorbate to 

retain the off-state activity. Upon the addition of an excess amount of hypochlorite, the DNAzyme 

activity was significantly increased possibly due to the oxidation of CuI ions. Furthermore, the 

iterative switching of the catalytic activity was demonstrated by the successive addition of the 

reductant and the oxidant (Figure 3-16c, green line). It should be noted that the addition of the 

reductant and the oxidant did not have any effects on the activity of the original E5 DNAzyme, and 

no substrate cleavage was observed without DNAzyme strands (Figures 3-16d, 3-16e, and 3-16f). 

Although it cannot be excluded that the disproportionation of CuI ions occurred to some degree, 

these results suggest the potential for redox-dependent regulation of DNAzyme activities via H–

CuII–H base pairing. 
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Figure 3-16. Regulation of the RNA-cleaving activity of the split H-DNAzyme by the redox reactions of CuII 

ions. (a) Deactivation of the H-DNAzyme with a reductant. The reaction was initiated in the presence of 1.0 

equivalent of CuII ions. After 1 h, 10 equivalents of sodium ascorbate (Asc) were added. (b) Activation of the 

H-DNAzyme with an oxidant. The reaction was initiated in the presence of 1.0 equivalent of CuII ions and 10 

equivalents of sodium ascorbate. After 1 h, 20 equivalents of an oxidant (NaClO) were added to regenerate 

CuII ions. (c) Iterative switching of the activity of the split H-DNAzyme. (d,e,f) Control experiments using E5 

DNAzyme. [DNAzyme] = 1.0 μM, [substrate] = 10 μM, [CuSO4] = 1.0 μM (1.0 equiv, where applicable), 

[sodium ascorbate] = 10 μM (10 equiv, where applicable) and [NaClO] = 20 μM (20 equiv, where applicable) 

in 10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2. 25 °C. N = 3 (a, b, d, e, f), 4 (c). The activities of the 

H-DNAzyme in the presence and in the absence of CuII ions are also shown in a red solid line and a red 

dashed line, respectively, in a–c. Error bars indicate standard errors. 
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3-7. Conclusion 
 

I have developed a CuII-responsive split DNAzyme, whose activity was modulated through the 

formation of a H–CuII–H base pair. CuII-responsive split DNAzymes were developed as follows; (i) 

a reported DNAzyme is separated into two strands, (ii) a pair of H nucleotides are incorporated into 

a stem region of the DNAzyme, and (iii) the position of a H–H pair and the stem length are adjusted 

such that the formation of a H–CuII–H base pair can associate the two split strands. DNA strands 

containing a H nucleotide were prepared by the polymerase synthesis to optimize the sequence of 

the DNAzyme. After the sequence screening, a CuII-responsive DNAzyme (split H-DNAzyme), 

which has a H–CuII–H base pair in the third position from the catalytic core, was successfully 

obtained. The split H-DNAzyme was activated by the quantitative formation of a H–CuII–H base 

pair. The DNAzyme exhibited extremely high metal specificity because of the selective formation 

of a H–CuII–H base pair. The reversible regulation of the DNAzyme activity was demonstrated by 

the alternate addition and removal of CuII ions. The activity was further regulated by the redox 

reactions of CuII ions. 

The H-DNAzyme developed here is the first example of metal-responsive functional DNAs 

with the use of a metal-mediated base pair consisting of unnatural nucleotides. The preceding 

studies exploited only T–HgII–T and C–AgI–C base pairs for the regulation of DNAzyme 

activities.[8,12–14,33] HgII and AgI ions can bind to pyrimidine nucleobases in an unspecific manner, 

which would disrupt a high-order structure of a DNAzyme, often inhibiting its catalytic activity. In 

contrast, CuII ions rarely interfere with natural nucleobases, leading to efficient activation of a 

DNAzyme induced by a single metal-mediated base pair. The incorporation of other unnatural 

nucleotides would provide DNAzymes that respond to different metal ions. As shown in the section 

3-6, the DNAzyme activities with metallo-base pairs can be regulated by redox reactions of metal 

ions, including an electrochemical approach.[29,30] Thus, this study would offer a design principle of 

metal-responsive split DNAzymes with metal-mediated artificial base pairs. 

Some reported DNAzymes exhibit their activity by utilizing CuII ions as a cofactor.[34] On the 

other hand, the split H-DNAzyme was activated through the formation of a H–CuII–H base pair 
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distant from the catalytic site. The whole DNAzyme structure was reconstructed by the formation of 

only a single H–CuII–H pair, resulting in the CuII-dependent regulation of the catalytic activity. This 

suggests that various CuII-responsive DNAzymes can be developed by splitting the DNAzyme 

strands and incorporating a H–CuII–H base pair. Because many kinds of split DNAzymes have been 

reported so far,[3–15] various CuII-responsive DNA supramolecules will be developed based on the 

same strategy. 

The split DNAzyme described here regulated its activity by controlling DNA hybridization 

with the aid of the metal-mediated base pairing. Functional nucleic acids and DNA architectures are 

often comprised of multiple DNA strands, which undergo self-hybridization to construct an active 

structure. Accordingly, the design principle would be applicable to metal-dependent regulation of 

various DNA structures and functions by employing metal-mediated base pairs. I believe that this 

study would offer a general approach to the development of metal-responsive DNA materials.   
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3-8. Experimental section 
 

Materials and equipment 

All the natural DNA strands, including the primers and the templates, the 6-carboxyfluorescein 

(FAM)-labeled strands, and the substrate strand containing a riboadenosine (rA) were purchased 

from Japan Bio Service Co., Ltd. (Saitama, Japan) of HPLC purification grades. Hydroxypyridone 

nucleoside triphosphate (dHTP) was synthesized according to the reported procedures.[35] Natural 

nucleoside triphosphates (dNTPs) were purchased from Toyobo Co., Ltd. Klenow Fragment (3′→5′ 

exo–) (KF exo–), Sulfolobus DNA Polymerase IV (Dpo4), and Nt.AlwI were purchased from New 

England Biolabs, Inc. Metal sources were purchased from FUJIFILM Wako Pure Chemical 

Industries (CuSO4·5H2O (99.5% purity), MnCl2·4H2O (99%), FeSO4·7H2O (99.0–102.0%), FeCl3 

(98%), CoSO4·7H2O (99.0–102.0%), K2PtCl4 (98%), Hg(ClO4)2·3H2O (99%), AgNO3 (99.8%)), 

Soekawa Chemical Co. (NiSO4·7H2O (99%), ZnSO4·7H2O (99.9%)), and Tokyo Chemical Industry 

(Na2PdCl4 (98%)) and used without further purification. 

Matrix assisted laser desorption ionization time-of-flight (MALDI-TOF) mass spectra were 

recorded on Bruker ultrafleXtreme and Autoflex III using a mixture of 3-hydroxypicolinic acid 

(3-HPA) and ammonium citrate as a matrix. Denaturing polyacrylamide gel electrophoresis 

(PAGE) was carried out with 20% polyacrylamide gel containing 7 M urea. The gels were analyzed 

using Gel Doc EZ Imager and Image Lab software (Bio-Rad). 

 

Chemical synthesis of DNA strand containing a hydroxypyridone (H) nucleotide 

15-mer DNA strands containing a H nucleotide (15-bp Tm 1 and 2; Table 3-4) were synthesized 

by an NTS M-4-MX DNA/RNA synthesizer (Nihon Techno Service) on a 1-µmol scale in a 

DMTr-on mode with natural DNA phosphoramidites and standard reagents (Glen Research). A 

phosphoramidite derivative of H nucleoside was synthesized according to the reported 

procedures.[17] The DNA synthesis was carried out in accordance with the standard procedure 

except for an extended coupling time (15 min). The products were deprotected using 28% NH3 

aqueous solution at 55 °C for 12 h. The oligonucleotides were firstly purified and detritylated using 
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a PolyPak II cartridge (Glen Research) and further purified by reverse phase HPLC (Waters 

XBridge C18 column, 0.1 M TEAA (pH 7.0)/MeCN gradient, 60 °C). The amounts of the 

oligonucleotides were determined based on the UV absorbance at 260 nm. The molar extinction 

coefficients of the oligonucleotides were determined by the nearest-neighbor method (Table 3-4, 

ε260 = 5.34 × 103 for H nucleoside).[17] The products were characterized by MALDI-TOF mass 

spectrometry (Table 3-4). 

 

Polymerase synthesis of DNAzyme strands containing a H nucleotide 

A primer and a template strands (Table 3-2) were mixed in a buffer (10 mM Tris–HCl (pH 7.9), 

50 mM NaCl, 10 mM MgCl2, 1 mM dithiothreitol, 6% PEG6000) and annealed prior to the reaction 

(85 °C → 4 °C, 1.0 °C min–1). After the addition of dHTP and KF exo– , the reaction mixture was 

incubated at 37 °C for 2 h. The concentration of each component was as follows: [primer] = 2.0 µM, 

[template] = 3.0 µM, [dHTP] = 20 µM (10 equiv), and [KF exo–] = 0.08 U µL–1. The reaction 

mixture was subsequently heated at 85 °C for 10 min to deactivate KF exo– polymerase and 

annealed again (85 °C → 4 °C, 1.0 °C min–1). After natural nucleoside triphosphates (dNTPs) and 

Dpo4 polymerase were added, the reaction mixture was incubated at 37 °C for 1 h. The final 

concentration of each component was as follows: [primer] = 1.0 µM, [template] = 1.5 µM, [dHTP] 

= 10 µM (10 equiv), [dNTPs] = 100 µM (100 equiv), and [Dpo4 polymerase] = 0.02 U µL–1. The 

reaction progress was monitored by subjecting an aliquot of the reaction mixture to denaturing 

PAGE analysis. After the reaction was quenched by adding an equal volume of 50 mM EDTA, the 

reaction mixture was heated at 95 °C for 10 min. The product strand was separated from the 

template by denaturing PAGE, and the isolated product was further purified by gel filtration 

(Sephadex G-25 Fine, GE Healthcare) and the subsequent isopropanol precipitation. The amounts 

of the DNA strands were determined based on the UV absorbance at 260 nm. The molar extinction 

coefficients (ε260) of the oligonucleotides were determined by the nearest-neighbor method (ε260 = 

5.34 × 103 for H nucleoside). 

For some of the DNAzyme strands, extra 5′-terminus was removed by a nicking endonuclease, 



 119 

Nt. AlwI, to prepare the strands with a desired sequence. After the two-step primer extension, the 

full-length strand was roughly purified with the template strand by isopropanol precipitation. The 

two DNA strands were annealed (85 °C → 4 °C, 1.0 °C min–1) in a buffer (20 mM Tris–AcOH (pH 

7.9), 50 mM AcOK, 10 mM Mg(AcO)2, 0.1 mg mL–1 BSA). After adding Nt. AlwI, the reaction 

mixture was incubated at 37 °C for 20 h. The final concentration of each component was as follows: 

[primer] = 2.0 µM, [template] = 3.0 µM, and [Nt. AlwI] = 0.2 U µL–1. The product was purified by 

denaturing PAGE, gel filtration (Sephadex G-25 Fine), and isopropanol precipitation. 

 

MALDI-MS analysis 

The enzymatically synthesized DNA strands were desalted by gel filtration (Sephadex G-25 

Fine, GE Healthcare) and the subsequent treatment with a cation-exchange resin (Dowex 50W×8, 

NH4
+-form). The chemically synthesized DNA strands were directly subjected to MALDI-TOF MS 

measurement after HPLC purification. 

MALDI-TOF MS measurement was conducted using a mixture of 3-hydroxypicolinic acid 

(3-HPA) and ammonium citrate as a matrix. Oligonucleotide Calibration Standard (Bruker) was 

used as a calibration standard. 

 

Sequence screening of CuII-responsive split DNAzymes 

Two split DNAzyme strands were mixed in a buffer (10 mM HEPES (pH 7.0), 1 M NaCl, 10 

mM MgCl2), and then annealed (85 °C → 25 °C, 1.0 °C min–1) in the presence or in the absence of 

CuSO4 (1.0 equiv). The RNA-cleaving reaction was initiated by adding a FAM-labeled substrate 

strand. The final concentration of each component was as follows: [DNAzyme strands] = 1.0 µM 

each, [substrate strand] = 1.0 µM, [CuSO4] = 0 or 1.0 µM. The reaction mixture was incubated at 

25 °C for 3 h. The reaction was quenched by adding a 3:1 mixture of 7 M urea and the loading 

buffer (30% glycerol, 0.25% bromophenol blue). The cleavage of the RNA substrate was analyzed 

by denaturing PAGE. The fractions of the cleaved substrate (F) were calculated as follows: 

F (%) = Ic / (Ic + Iu) × 100,  
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where Ic and Iu are the band intensities of the cleaved product and the uncleaved substrate, 

respectively. 

 

Time-course analysis of the RNA-cleaving reaction by the split H-DNAzyme 

The two strands of the split H-DNAzyme were annealed (85 °C → 25 °C, 1.0 °C min–1) in a 

buffer (10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2) in the presence or in the absence of 

CuSO4 (1.0 equiv). The RNA-cleaving reaction was initiated by adding 10 equivalents of a 

FAM-labeled substrate strand, and the reaction mixture was incubated at 25 °C. The final 

concentration of each component was as follows: [DNAzyme] = 1.0 µM, [substrate] = 10 µM, 

[CuSO4] = 0 or 1.0 µM. An aliquot of the reaction mixture was taken at the defined time points. 

After the reaction was quenched by adding a 3:1 mixture of 7 M urea and the loading buffer, the 

samples were stored at –28 °C until the time course was completed. The reaction progress was 

analyzed by denaturing PAGE. The apparent first-order rate constants (kobs) were calculated from 

the initial velocities, which were determined by the reaction progress after 1 h or 3 h. 

 

Assay of the metal specificity of the split H-DNAzyme 

The two strands of the split H-DNAzyme were annealed (85 °C → 25 °C, 1.0 °C min–1) in a 

buffer (10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2) in the presence of one equivalent of 

metal ions (MnCl2, FeSO4, FeCl3, CoSO4, NiSO4, CuSO4, ZnSO4, Na2PdCl4, K2PtCl4, Hg(ClO4)2, 

and AgNO3). In the experiments with HgII and AgI ions, NaCl and MgCl2 in the buffer were 

replaced by NaNO3 and Mg(NO3)2, respectively. The RNA-cleaving reaction was initiated by 

adding one equivalent of the substrate strand. The final concentration of each component was as 

follows: [DNAzyme] = 1.0 µM, [substrate] = 1.0 µM, [metal ion] = 0 or 1.0 µM. The reaction 

mixture was incubated at 25 °C for 3 h. The reaction was quenched by adding the loading buffer 

containing 7 M urea. The cleavage of the RNA substrate was analyzed by denaturing PAGE. 
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Activation of the split H-DNAzyme with CuII ions 

The two DNAzyme strands (1.0 µM) were mixed in a buffer (10 mM HEPES (pH 7.0), 1.0 M 

NaCl, 10 mM MgCl2) and then annealed (85 °C → 25 °C, 1.0 °C min–1). The RNA-cleaving 

reaction was initiated by adding a FAM-labeled substrate (10 equiv), and the reaction mixture was 

incubated at 25 °C. After 1 h, one equivalent of CuSO4 was added. An aliquot of the reaction 

mixture was taken at the defined time points. After the reaction was quenched by adding a 3:1 

mixture of 7 M urea and the loading buffer, the samples were stored at –28 °C until the time course 

was completed. The reaction progress was analyzed by denaturing PAGE. 

 

Deactivation of the split H-DNAzyme by the removal of CuII ions 

The two strands of the split H-DNAzyme (1.0 µM) and CuSO4 (1.0 equiv) were mixed in a 

buffer (10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2) and then annealed (85 °C → 25 °C, 

1.0 °C min–1). The reaction was initiated by adding a FAM-labeled substrate (10 equiv), and the 

reaction mixture was incubated at 25 °C. After 1 h, a CuII-binding tripeptide (Gly-His-Lys (GHK), 

1.0 equiv) was added to remove CuII ions. An aliquot of the reaction mixture was taken at the 

defined time points, and the reaction was quenched by adding the loading buffer containing 7 M 

urea. The reaction progress was analyzed by denaturing PAGE. 

 

Iterative switching of the activity of the split H-DNAzyme 

The two DNAzyme strands (1.0 µM) were mixed in a buffer (10 mM HEPES (pH 7.0), 1.0 M 

NaCl, 10 mM MgCl2) and then annealed (85 °C → 25 °C, 1.0 °C min–1). The RNA-cleaving 

reaction was initiated by adding 10 equivalents of a two-base shorter substrate strand (5′-CTC TAT 

rAGG AGC A-3′). The reaction mixture was incubated at 25 °C. CuSO4 (1.0 equiv) and a 

CuII-binding peptide (GHK, 1.0 equiv) were alternately added at the defined time points. An aliquot 

of the reaction mixture was taken at the defined time points, and the reaction was quenched by 

adding the loading buffer containing 7 M urea. The reaction progress was analyzed by denaturing 

PAGE. 
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Deactivation of the split H-DNAzyme by the addition of a reductant 

The two strands of the split H-DNAzyme (1.0 µM) and CuSO4 (1.0 equiv) were mixed in a 

buffer (10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2) and then annealed (85 °C → 25 °C, 

1.0 °C min–1). The reaction was initiated by adding a FAM-labeled substrate (10 equiv), and the 

reaction mixture was incubated at 25 °C. After 1 h, sodium ascorbate (Asc, 10 equiv) was added as 

a reductant of CuII ions. An aliquot of the reaction mixture was taken at the defined time points, and 

the reaction was quenched by adding the loading buffer containing 7 M urea. The reaction progress 

was analyzed by denaturing PAGE. 

 

Activation of the split H-DNAzyme by the addition of an oxidant 

The two strands of the split H-DNAzyme (1.0 µM) and CuSO4 (1.0 equiv) were mixed in a 

buffer (10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2) and then annealed (85 °C → 25 °C, 

1.0 °C min–1). After the addition of sodium ascorbate (Asc, 10 equiv), the reaction was initiated by 

adding a FAM-labeled RNA substrate (10 equiv). The reaction mixture was left to stand at 25 °C. 

After 1 h, NaClO (20 equiv) was added as an oxidant. An aliquot of the reaction mixture was taken 

at the defined time points, and the reaction was quenched by adding the loading buffer containing 7 

M urea. The reaction progress was analyzed by denaturing PAGE. 

 

Iterative switching of the activity of the split H-DNAzyme by successive addition of a 

reductant and an oxidant 

The two strands of the split H-DNAzyme (1.0 µM) and CuSO4 (1.0 equiv) were mixed in a 

buffer (10 mM HEPES (pH 7.0), 1.0 M NaCl, 10 mM MgCl2) and then annealed (85 °C → 25 °C, 

1.0 °C min–1). The reaction was initiated by adding a FAM-labeled substrate (10 equiv), and the 

reaction mixture was incubated at 25 °C. After half an hour, sodium ascorbate (Asc, 10 equiv) was 

added to deactivate the H-DNAzyme. After another half hour, NaClO (20 equiv) was added to 

reactivate the DNAzyme. An aliquot of the reaction mixture was taken at the defined time points, 
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and the reaction was quenched by adding the loading buffer containing 7 M urea. The reaction 

progress was analyzed by denaturing PAGE. 

 

Duplex melting analysis 

To estimate the melting temperatures (Tm) of the stem duplex of the split H-DNAzyme, the 

DNA strands were annealed (85 °C → 4 °C, 1.0 °C min–1) in the absence and in the presence of 

CuSO4 (1.0 equiv) in the buffer used for the DNAzyme reaction (10 mM HEPES (pH 7.0), 1.0 M 

NaCl, 10 mM MgCl2) (Table 3-3). 

For the metal-specificity assay, the DNA strands were mixed with metal ions (1.0 equiv) and 

annealed (85 °C → 4 °C, 1.0 °C min–1) in a buffer (10 mM HEPES (pH 7.0), 100 mM NaCl or 100 

mM NaNO3 (for HgII and AgI)) in the presence of one equivalent of metal ions (Figure 3-14). 

Absorbance at 260 nm was recorded on a UV-1700 spectrophotometer (Shimadzu) equipped 

with a TMSPC-8 temperature controller while the temperature was raised from 5 °C to 85 °C at the 

rate of 0.2 °C min–1. The normalized absorbance was calculated as follows: 

Normalized A260 = {A260(t °C) – A260(4 °C)}/{A260(85 °C) – A260(4 °C)} × 100. 

The melting temperatures (Tm) were determined as an inflection point of a melting curve using 

a Tm analysis software LabSolutions (Shimadzu) with a 17-point adaptive smoothing program. 

 

Table 3-4. Sequences of H-containing DNA strands prepared by chemical synthesis  

Name Sequence (5′ to 3′) ε260 [M–H]– Calcd.a Obs.b 

15-bp Tm 1 CAC ATT AHT GTT GTA 1.44 × 105 C149H188N49O91P14 4555.0 4555.1 

15-bp Tm 2 TAC AAC AHT AAT GTG 1.50 × 105 C149H186N55O87P14 4573.1 4573.1 

a Calculated molecular mass for [M–H]–. b Mass observed in MALDI-TOF MS analysis. 
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5-1. Introduction 
 

DNA provides a robust platform for the development of sophisticated molecular networks 

based on sequence-dependent hybridization through Watson–Crick base pairing. Many DNA 

strands can work together in the same solution by means of a careful sequence design. For the 

operation of the complicated DNA systems, it is of great importance to endow with responsiveness 

to multiple external stimuli. In many cases, additional DNA strands, which trigger the strand 

displacement reactions, have been used as multistimuli.[1] For example, Stojanovic et al. regulated 

catalytic activities of deoxyribozymes (DNAzymes) to construct a molecular automaton (Figure 

5-1a).[2] They operated several DNAzyme-based logic gates in a mixture by adding oligonucleotides 

as external stimuli. Winfree et al. controlled DNA computing circuits comprising more than 100 

 
Figure 5-1. Multistimuli-dependent regulation of DNA-based molecular systems. (a) Operation of multiple 

DNAzymes using DNA strands as external stimuli. The activities of DNAzymes were regulated to 

construct a molecular automaton. Reproduced from ref. [2]. Copyright 2003 Nature Publishing Group. (b) 

Orthogonal regulation of DNAzyme activities using light as external stimuli. Two azobenzene derivatives 

were exploited to respond to light irradiation at different wavelengths. Reproduced from ref. [8]. Copyright 

2018 American Chemical Society. 
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strands with additional multiple DNA stands as inputs.[3] Other external stimuli such as small 

molecules,[4,5] proteins,[6] pH changes,[7] and light[8,9] have been also exploited for the construction 

of multistimuli-responsive DNA-based systems. Famulok et al. demonstrated the selective 

photo-switching of DNAzyme activities by using two azobenzene derivatives (Figure 5-1b).[8] The 

hybridization of DNA strands was controlled through photoisomerization of the azobenzene 

derivatives by light irradiation at different wavelengths, resulting in the regulation of the activities 

of two peroxidase-mimicking DNAzymes in an orthogonal manner. 

In contrast to other external stimuli, the use of metal ions as inputs provides mainly three 

advantages for realizing the multistimuli-dependent regulation. First, various kinds of metal ions 

can be used with a specific character through the selection of appropriate metal ligands. Second, 

reversible metal complexation enables the bidirectional regulation of DNA systems. Third, some 

metal ions can afford responsiveness toward other stimuli such as light and redox agents. The 

incorporation of metal-mediated base pairs into DNA would be one of the most promising methods 

to fabricate multimetal-dependent DNA systems. As many types of ligand-type unnatural 

nucleotides with different metal affinities have been developed so far,[10] metal-mediated base 

pairing would offer a powerful strategy to impart responsiveness toward diverse metal ions. 

In chapters 3 and 4, I have developed CuII-responsive DNAzymes by incorporating 

hydroxypyridone (H) unnatural ligand-type nucleotides into reported DNAzymes. The catalytic 

activities of the DNAzymes were regulated by CuII-mediated H–CuII–H base pairing. The 

CuII-responsive DNAzymes exhibited high metal specificity because of the selective formation of a 

H–CuII–H base pair. I expected that the high metal selectivity can be applied to 

multimetal-responsive DNA systems, in which CuII and other metal ions are used as external 

stimuli. 

In this chapter, I describe the multimetal-dependent regulation of DNAzyme activities based on 

metal-mediated base pairing. In the section 5-2, the orthogonality of three metal-mediated base 

pairs, H–CuII–H, T–HgII–T, and C–AgI–C, was examined. In the section 5-3, I have demonstrated 

the metal-dependent orthogonal regulation of DNAzyme activities with the use of two different 
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metal-mediated base pairs (Figure 5-2a). In addition to H–CuII–H, HgII-mediated thymine base 

pairing (T–HgII–T)[11] was exploited for the regulation of DNAzyme activities. A H–H pair and T–T 

mismatches were incorporated into two RNA-cleaving DNAzymes to confer responsiveness toward 

CuII and HgII ions, respectively. Owing to the selective formation of H–CuII–H and T–HgII–T base 

pairs, the catalytic activity of each DNAzyme would be orthogonally regulated in response to CuII 

and HgII ions. In the section 5-4, I have developed DNAzymes that exhibit an AND logic gate 

response to two different transition metal ions (Figure 5-2b). I have examined two approaches to the 

development of AND-gate DNAzymes; (i) a H–H and T–T pairs were incorporated into a 

DNAzyme so that the DNAzyme can be activated only when both H–CuII–H and T–HgII–T base 

pairs are formed, and (ii) a pair of H nucleotides were incorporated into a reported AgI-responsive 

DNAzyme to endow it with responsiveness to CuII ions. The H-modified DNAzyme would show 

the catalytic activity only in the presence of both CuII and AgI ions. These studies would provide the 

basis for the construction of multimetal-responsive DNA-based systems by utilizing metal-mediated 

artificial base pairs. 
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Figure 5-2. Multimetal-dependent regulation of DNAzyme activities based on metal-mediated base 

pairing. (a) Metal-dependent orthogonal regulation of two different DNAzyme activities by the formation of 

CuII- and HgII-mediated base pairs. (b) Development of AND-gate DNAzymes that respond to two 

transition metal ions by incorporating hydroxypyridone (H) nucleotides.  
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Figure 5-3. Orthogonality of H–CuII–H, T–HgII–T, and C–AgI–C base pairs. (a) Chemical structures of H–

CuII–H, T–HgII–T, and C–AgI–C. (b) Melting temperatures of DNA duplexes containing a H–H, a T–T, a C–

C, or an A–T pair in the presence of CuII, HgII, or AgI ions. Duplex sequence: (5′-CAC ATT AXT GTT 

GTA-3′)·(3′-GTG TAA TYA CAA CAT-5′) (X–Y = H–H, T–T, C–C or A–T). [DNA duplex] = 2.0 μM, [metal 

ions] = 2.0 μM (1.0 equiv) in 10 mM HEPES (pH 7.0), 100 mM NaNO3. 0.2 °C min–1. All the samples were 

annealed before the measurement. N ≥ 3. Error bars indicate standard errors. 

5-2. Orthogonal formation of metal-mediated base pairs 
 

To demonstrate the multimetal-dependent regulation of DNAzyme activities, I employed 

CuII-mediated hydroxypyridone (H) base pairing (H–CuII–H). In the section 3-5, it was found that a 

H–CuII–H base pair is selectively formed in the presence of CuII ions among various transition 

metal ions. This high metal selectivity enabled the CuII-specific activation of the split 

CuII-responsive DNAzyme containing a H–H pair (split H-DNAzyme). In addition, H–CuII–H base 

pairing was previously applied to construct heterogeneous CuII/HgII metal arrays on the basis of 

orthogonality to HgII-mediated pyridine base pairing.[12] Thus, H–CuII–H base pairing would be 

suitable for constructing multimetal-responsive DNA systems with CuII and other metal ions as 

external multistimuli. 

As a H–H pair binds to neither HgII nor AgI ions, I expected that widely utilized HgII- and 

AgI-mediated base pairs consisting of natural pyrimidine bases (i.e. T–HgII–T[11] and C–AgI–C,[13] 

Figure 5-3a)[14] can act as an orthogonal base pair to H–CuII–H for the multimetal-dependent 

regulation. The orthogonality of H–CuII–H, T–HgII–T, and C–AgI–C base pairs was investigated by 

melting experiments of DNA duplexes containing a H–H, a T–T, or a C–C pair (Figure 5-3b). 
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Melting temperatures (Tm) of the DNA duplexes were measured in the presence of equimolar CuII, 

HgII, or AgI ions. The Tm value of the DNA duplex possessing a H–H pair was increased by 13°C in 

the presence of one equivalent of CuII ions through the formation of a H–CuII–H base pair. In 

contrast, the addition of HgII or AgI ions had no effects on the thermal stability of the H-containing 

duplex, indicating no binding of the metal ions to the H–H pair. On the other hand, DNA duplexes 

having a T–T and a C–C pair were specifically stabilized in the presence of equimolar amounts of 

HgII and AgI ions, respectively, indicating the selective formation of T–HgII–T and C–AgI–C base 

pairs. These results clearly verify that the three metal ions, CuII, HgII, and AgI, can be utilized as 

orthogonal external stimuli for the regulation of DNAzyme activities by exploiting the 

metal-mediated base pairs. The results also indicate that H–CuII–H, T–HgII–T, and C–AgI–C base 

pairs can be selectively formed in the same solution. Thus, the three metal-mediated base pairs can 

be applied to the multimetal-dependent regulation as the orthogonal base pairs.  
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5-3. Metal-dependent orthogonal regulation of DNAzyme activities 
 

By exploiting the orthogonal base pairs, H–CuII–H and T–HgII–T, I first examined the 

metal-dependent orthogonal regulation of catalytic activities of two DNAzymes (Figure 5-2a). A 

H–H and T–T pairs were introduced into RNA-cleaving DNAzymes to fabricate a CuII- and a 

HgII-responsive DNAzymes, respectively. The two DNAzymes would be orthogonally regulated in 

the same solution by the selective formation of a H–CuII–H and T–HgII–T base pairs. As a 

CuII-responsive DNAzyme, I used the split H-DNAzyme, which was developed in chapter 3. 

To construct a multimetal-responsive system, I newly developed a HgII-responsive DNAzyme 

that worked with the split H-DNAzyme. Although HgII-responsive DNAzymes were previously 

fabricated using T–HgII–T base pairs by other groups,[15] a HgII-responsive DNAzyme was designed 

so that it shows a comparable activity with that of the split H-DNAzyme. T–T mismatches were 

introduced into the stem region of E5 RNA-cleaving DNAzyme,[16] which had been utilized for the 

development of CuII-responsive DNAzymes (H-DNAzymes) in chapters 3 and 4. Both a split and a 

single-stranded DNAzymes containing consecutive T–T pairs were examined based on the design 

strategies presented in chapters 3 and 4, respectively. Among them, a single-stranded DNAzyme 

possessing four T–T mismatches responded to HgII ions with the largest on–off ratio, which is 

referred to as T-DNAzyme (Figure 5-4). In a manner similar to the design of the CuII-responsive 

single-stranded DNAzymes, the stem-loop sequence was modified to form a catalytically inactive 

structure in the absence of HgII ions. In the inactive form, the sequence in the loop region (shown in 

green) hybridizes to a part of the catalytic domain. In the presence of HgII ions, the formation of 

four T–HgII–T base pairs would induce an intrastrand structure transformation into the active 

structure, resulting in a HgII-responsive DNAzyme activation. The sequence of a substrate binding 

site was altered so that the T-DNAzyme cleaves a substrate different from that of the 

CuII-responsive split H-DNAzyme. 
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 The secondary structure and the thermodynamic parameters of T-DNAzyme were estimated 

by using the mfold program (Figure 5-5).[17] The program suggests that the designed inactive 

structure (Tm = 57 °C) would be much more thermally stable than the active structure (Tm = 25 °C) 

in the absence of HgII ions. For the calculation of the structure in the presence of HgII ions, the T–

HgII–T base pairs were formally replaced by T–A pairs, considering the comparable thermal 

stabilities of the two base pairs. The active structure would have higher thermal stability (Tm = 

77 °C) than the inactive form (Tm = 57 °C). The secondary-structure prediction supports that 

T-DNAzyme can fold into the designed inactive and active structures in the absence and in the 

presence of HgII ions, respectively.  

Figure 5-6a shows the RNA-cleaving activity of T-DNAzyme in the absence and in the 

presence of four equivalents of HgII ions (i.e. 1.0 equiv for a T–T pair). When HgII ions were added, 

the DNAzyme activity was enhanced by 11-fold. The result indicates that T-DNAzyme was 

 

Figure 5-4. Design of a HgII-responsive DNAzyme (T-DNAzyme) based on E5 RNA-cleaving DNAzyme. 

“rA” in the substrate strand represents an adenosine ribonucleotide. 

 
Figure 5-5. Predicted secondary structures and thermodynamic parameters of T-DNAzyme. (a) An 

inactive structure in the absence of HgII ions. (b) An active structure in the presence of HgII ions. The 

parameters were calculated by the mfold program. The T–HgII–T pairs were replaced by T–A base pairs. 

Calculation conditions: [NaI] = 1.0 M, [MgII] = 10 mM, 25 °C. 
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activated by the formation of T–HgII–T base pairs. Moreover, the RNA-cleaving activity was 

efficiently decreased by the addition of a thymidine oligomer (5′-T20-3′, T20), which served as a 

scavenger for HgII ions (Figure 5-6b). Thus, the catalytic activity of T-DNAzyme was reversibly 

regulated by the addition and removal of HgII ions. 

As the HgII-responsive DNAzyme was successfully obtained, the metal selectivity of the split 

H-DNAzyme and T-DNAzyme was studied. The RNA-cleaving activities of the two DNAzymes 

were evaluated in the presence of CuII or HgII ions under the same buffer condition (Figure 5-7).  

 
Figure 5-6. (a) RNA-cleaving activity of T-DNAzyme in the absence and in the presence of HgII ions. 

[T-DNAzyme] = 1.0 μM, [substrate] = 1.0 μM (1.0 equiv), [Hg(ClO4)2] = 0 or 4.0 μM (1.0 equiv for a T–T 

pair) in 10 mM HEPES (pH 7.0), 1.0 M NaNO3, 10 mM Mg(NO3)2. 25 °C. N = 3. (c) Deactivation of 

T-DNAzyme. A thymidine oligomer (T20, 2.0 equiv) was added as a scavenger. [T-DNAzyme] = 1.0 μM, 

[substrate] = 2.0 μM (2.0 equiv), [Hg(ClO4)2] = 4.0 μM (1.0 equiv for a T–T pair), [T20] = 2.0 μM (where 

applicable), 25 °C. The activity of T-DNAzyme in the absence and in the presence of HgII ions are also 

shown in red lines. N = 3. Error bars indicate standard errors. 

 
Figure 5-7. Metal selectivity of the split H-DNAzyme (a) and T-DNAzyme (b). [DNAzyme] = 1.0 μM, 

[substrate] = 1.0 μM, [CuSO4] = 0 or 1.0 μM (1.0 equiv for a H–H pair), [Hg(ClO4)2] = 0 or 4.0 μM (1.0 equiv 

for a T–T pair) in 10 mM HEPES (pH 7.0), 1.0 M NaNO3, 10 mM Mg(NO3)2. 25 °C, 3 h. N = 3. Error bars 

indicate standard errors. 
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The H-DNAzyme was specifically activated with CuII ions while HgII ions did not enhance the 

activity. On the other hand, the activity of T-DNAzyme was increased only when HgII ions were 

added. The addition of CuII ions did not have any effects on the DNAzyme activity. These results 

validate that the split H-DNAzyme and T-DNAzyme can be selectively activated by adding CuII 

and HgII ions, respectively, thus applicable to the orthogonal regulation of DNAzyme activities. 

Metal-dependent activation of the two DNAzymes was examined with an equimolar mixture of 

the split H-DNAzyme and T-DNAzyme (Figure 5-8a). The two DNAzymes were operated in the 

same solution with their substrates in the presence of CuII and/or HgII ions. After the DNAzyme 

strands were annealed, the RNA-cleaving reactions were initiated by adding their substrates and the 

metal ions. The split H-DNAzyme and T-DNAzyme have different substrate-binding arms to cleave 

distinct substrates. Figure 5-8b represents relative activities, which were normalized by those when 

each RNA-cleaving reaction was separately conducted under the metal-free condition. When one 

equivalent of CuII ions was added, the catalytic activity of the split H-DNAzyme was raised 

eight-fold. In contrast, the activity of T-DNAzyme was the same as that in the absence of the metal 

ions. The result indicates that H–CuII–H base pair was selectively formed in the presence of CuII 

ions, thus activating only the split H-DNAzyme. In the presence of HgII ions, only the 

RNA-cleaving activity of T-DNAzyme was increased by the selective formation of T–HgII–T base 

pairs. The activity of the H-DNAzyme was slightly decreased presumably because HgII ions bound 

not only T–T mismatches of T-DNAzyme but also to other T bases of the H-DNAzyme and the 

substrate. When CuII and HgII ions were added, both DNAzyme activities were enhanced two- to 

three-fold. The nonspecific binding of HgII ions to natural nucleobases may have also inhibited the 

active H-DNAzyme, resulting in the lower activity than that in the presence of only CuII ions. As a 

consequence, the multimetal-dependent orthogonal activation of the DNAzymes was demonstrated 

using H–CuII–H and T–HgII–T base pairing.  
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Even when CuII and HgII were added in the course of the reactions, the selective activation was 

also accomplished (Figure 5-9). The RNA-cleaving reactions were performed in the same mixture 

of the split H-DNAzyme, T-DNAzyme and their substrates as the previous experiment. The 

 

 
Figure 5-8. Orthogonal activation of a CuII-responsive DNAzyme and a HgII-responsive DNAzyme. (a) 

Design of the orthogonal activation. (b) Metal-dependent activation of the split H-DNAzyme and 

T-DNAzyme. CuII and/or HgII ions were added to a mixture of the H-DNAzyme and T-DNAzyme. 

[H-DNAzyme] = [T-DNAzyme] = 1.0 μM, [substrate 1] = [substrate 2] = 2.0 μM, [CuSO4] = 0 or 1.0 μM (1.0 

equiv for a H–H pair), [Hg(ClO4)2] = 0 or 4.0 μM (1.0 equiv for a T–T pair) in 10 mM HEPES (pH 7.0), 1.0 M 

NaNO3, 10 mM Mg(NO3)2. 25 °C, 3 h. The activities of the individual DNAzymes under the same condition 

are also shown. N ≥ 3. Error bars indicate standard errors. 
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reaction was initiated without the metal ions, and after 2 h, CuII and/or HgII ions were added to the 

reaction mixture. Upon the addition of CuII ions, the activity of the H-DNAzyme was rapidly 

increased while that of T-DNAzyme was not changed at all (Figure 5-9a). This result shows the 

selective activation of the H-DNAzyme. When HgII ions were added, only T-DNAzyme was 

activated through T–HgII–T base pairing (Figure 5-9b). The addition of CuII and HgII ions resulted 

in the activation of both H-DNAzyme and T-DNAzyme (Figure 5-9c). These results corroborate the 

orthogonal activation of the two DNAzyme activities. 

Furthermore, the selective deactivation of the two DNAzymes was demonstrated by removing 

CuII and HgII ions with the use of corresponding chelating agents (Figure 5-10a). The orthogonal 

deactivation was studied with an equimolar mixture of the split H-DNAzyme and T-DNAzyme. A 

CuII-binding peptide (GHK)[18] and a thymidine oligomer (T20) were used to remove CuII and HgII 

ions, respectively. The RNA-cleaving reactions were initiated in the presence of both CuII and HgII 

ions, and one of the chelating agents was added selectively to deactivate the DNAzymes. Figure 

5-10b shows the deactivation of the H-DNAzyme by the addition of one equivalent of GHK. The 

addition of one equivalent of GHK immediately decreased the activity of the H-DNAzyme while 

 

Figure 5-9. Metal-dependent orthogonal activation of the split H-DNAzyme and T-DNAzyme. (a) Selective 

activation of the split H-DNAzyme with CuII ions. (b) Selective activation of T-DNAzyme with HgII ions. (c) 

Activation of both H- and T-DNAzymes by the simultaneous addition of CuII and HgII ions. [H-DNAzyme] = 

[T-DNAzyme] = 1.0 μM, [substrate 1] = [substrate 2] = 2.0 μM (2.0 equiv), [CuSO4] = 0 or 1.0 μM (1.0 equiv 

for a H–H pair), [Hg(ClO4)2] = 0 or 4.0 μM (1.0 equiv for a T–T pair) in 10 mM HEPES (pH 7.0), 1.0 M 

NaNO3, 10 mM Mg(NO3)2. 25 °C. CuII and/or HgII ions were added after 2 h. N = 3. Error bars indicate 

standard errors. 
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keeping that of T-DNAzyme. This result shows the selective deactivation of the H-DNAzyme by 

the removal of CuII ions. On the other hand, when T20 was added, only the activity of T-DNAzyme 

was diminished (Figure 5-10c). This result demonstrates the selective deactivation of T-DNAzyme 

by removing HgII ions. After the removal of HgII ions, the RNA-cleaving activity of the 

H-DNAzyme was slightly raised. This is presumably due to the fact that the activity of the 

H-DNAzyme was suppressed by the unspecific binding of HgII ions, which were removed by the 

addition of T20. All the results demonstrated that the orthogonal deactivation of the DNAzymes 

was achieved by the selective removal of CuII and HgII ions.  

 
Figure 5-10. Metal-dependent deactivation of H-DNAzyme and T-DNAzyme. (a) Selective deactivation of 

H-DNAzyme with a CuII-binding peptide (GHK) to remove CuII ions. (b) Selective deactivation of 

T-DNAzyme with a thymidine oligomer (T20) to remove HgII ions. [H-DNAzyme] = [T-DNAzyme] = 1.0 μM, 

[substrate 1] = [substrate 2] = 2.0 μM (2.0 equiv), [CuSO4] = 1.0 μM (1.0 equiv for a H–H pair), [Hg(ClO4)2] = 

4.0 μM (1.0 equiv for a T–T pair), [GHK] = 1.0 μM (where applicable), [T20] = 2.0 μM (where applicable) in 

10 mM HEPES (pH 7.0), 1 M NaNO3, 10 mM Mg(NO3)2. 25 °C. The reactions were initiated in the presence 

of both CuII and HgII ions. After 2 h, GHK or T20 were added. N = 3. Error bars indicate standard errors. 
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Taken all together, the orthogonal regulation of DNAzyme activities was accomplished based 

on the selective formation of H–CuII–H and T–HgII–T base pairing (Figure 5-11). Each catalytic 

activity was independently modulated by the addition and removal of CuII and HgII ions. The 

orthogonal metal-dependent regulation will be applied to DNA-based logic gates, multiplexers, and 

computing circuits.[19] The regulatory system would be also useful for controlling multiple DNA 

supramolecules. 

Because C–AgI–C base pairing is orthogonal to H–CuII–H and T–HgII–T (Figure 5-3), the 

catalytic activities of three DNAzymes would be selectively regulated by exploiting the three 

metal-mediated base pairs. Other unnatural ligand-type nucleotides can be also applied to the 

orthogonal regulation. Based on the Hard-Soft Acid-Base (HSAB) theory, artificial nucleotides that 

bind to soft metal ions such as PdII and PtII ions[20] would serve as an orthogonal pair to H–CuII–H 

base pairing. 

  

 
Figure 5-11. Schematic representation of the multimetal-dependent orthogonal regulation of the 

DNAzyme activities based on H–CuII–H and T–HgII–T base pairing. 
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