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Abstract 

 

Development and demonstration of label-free multiphoton imaging flow cytometry 

 

Ryo Kinegawa 
 

Introduction 

Flow cytometry is a powerful technique to analyze and sort single cells and particles in heterogeneous mixtures 

at high throughput. By incorporating principles of fluid dynamics, optics, electronics, and data analysis, flow 

cytometry provides detailed information in a rapid manner. Because of its splendid utility, flow cytometry is 

widely used in various fields such as immunology, microbiology, molecular biology. Conventional flow 

cytometry such as fluorescence-activated cell sorting (FACS) 1 is capable of high-throughput measurement of 

fluorescence signals from cells. However, it lacks spatial information in exchange for its high throughput, missing 

the cell morphology and biomarker distribution. Fluorescence imaging flow cytometry has both the advantages of 

flow cytometry and imaging capabilities, enabling high-throughput morphological information measurements. In 

spite of its great capabilities of identification and classification of individual single cells based on captured 

fluorescence images as described in the last section, fluorescence imaging flow cytometry remains drawbacks 

due to its labeling, such as cytotoxicity and its non-specific binding. 

Label-free imaging flow cytometry is emerging as a valuable tool for research in biology and life science, 

overcoming technical constraints in traditional fluorescence-based imaging flow cytometry mentioned above. Until 

now, mainly two different types of label-free imaging flow cytometry have been demonstrated in addition to 

conventional bright-field imaging flow cytometry. First, optofluidic time-stretch flow cytometry was developed for 

quantitative phase imaging 2. It captures quantitative phase images of large numbers of single cells at high event 

rates of over 10,000 events per second. Optofluidic time-stretch quantitative phase imaging flow cytometry enabled 

large-scale screening of single cells using computational approaches such as compressive sensing and machine 

learning. Next, vibrational imaging flow cytometry via stimulated Raman scattering (SRS) was developed 3. SRS 

imaging flow cytometry provided chemical images of intercellular molecules based on their Raman signal intensities 

with a throughput of up to 140 eps. This technique enabled visualization of intercellular contrast of lipid, paramylon, 

and chlorophyll in E. gracillis cells, letting a classification of the cells cultured under different conditions with an 

accuracy of > 99 %. Even with the progress of optofluidic time-stretch imaging flow cytometry and SRS imaging 

flow cytometry, the entire characterization of a broad range of complex biological systems in a label-free way 

remains challenging because of the limited information acquired by these methods. Especially optofluidic 

quantitative time-stretch phase imaging lacks the ability to provide chemical specificity, thus failing to assess the 

chemical composition of cells while providing three-dimensional morphological details of single cells. Conversely, 

SRS imaging flow cytometry provides chemical specificity, but its chemical imaging capabilities are limited by 

small Raman scattering cross-sections of biomolecules (10-30 cm2/sr) and the narrow bandwidth of SRS (typically 

limited to a high wavenumber range from 2,800 to 3,200 cm-1), which stems from the scarcity of available laser 

sources. Even though the fusion of label-free imaging and machine learning has certainly advanced the biological 

understanding extracted from the collected images, accessing more chemical details at the raw data level is vital for 

leveraging the full potential of label-free imaging flow cytometry. Especially, it is still challenging to carry out 

imaging of some key biomolecules, such as starch and collagen, by label-free imaging flow cytometry. 

In this thesis, I developed a new variety of label-free imaging flow cytometry for high-throughput 

visualization of starch and collagen in living cells: label-free multiphoton imaging flow cytometry 4. My 

multiphoton imaging flow cytometer provides nonlinear optical images, where image contrast is produced by two 

kinds of nonlinear optical effects: second-harmonic generation (SHG) and four-wave mixing (FWM). SHG is an 

optical effect resulting from the second-order optical susceptibility of materials and is employed to visualize starch, 

collagen, and other non-centrosymmetric materials. On the other hand, four-wave mixing (FWM) is a third-order 



nonlinear optical process that occurs under the presence of intense light and involves the interaction of three initial 

light waves with samples, resulting in the generation of a fourth wavelength. Notably, FWM has been utilized for 

high-contrast label-free visualization of cytoplasm within cell. The multiphoton imaging flow cytometer consists of 

a microfluidic system, a dual color (SHG and FWM) microscope with a 2D-scanned focused beam, and a fast signal 

acquisition circuit designed to simultaneously capture SHG and FWM images of flowing cells. Consequently, the 

multiphoton imaging flow cytometer can acquire SHG and FWM images with a pixel resolution of 100 × 100 pixels, 

a spatial resolution of 500 nm, a field of view of 50 μm × 50 μm, and an intensity depth of 14-bit at a high event 

rate of 4-5 event per second. 

 

Multiphoton imaging flow cytometer 

The schematic of my label-free multiphoton imaging flow cytometer is depicted as Fig. 1. In the flow cytometer, in 

the beginning, cultured cells are transferred from Petri dishes to syringes. Then, these cells in syringes are delivered 

into a microfluidic chip (SC-BU-300300-L, Translume) by a syringe pump (Pump 11 Elite, Harvard Apparatus). 

The flow speed of cells is controlled as 2 mm/s by the pump. Flowing cells in the microfluidic chip are centrally 

focused into a single line by acoustic focusing with a piezoelectric element (2.44Z25*30R-SYX(C-213), Nihon 

Denkei Co., Ltd.), which is attached on the rear side of the microfluidic chip. At the moment that each cell goes 

through a focused beam spot of HeNe laser (HNL020LB, Thorlabs), a change in the direction of the forward-

scattered beam is registered by a Si avalanche photodetector (APD120A/M, Thorlabs), triggering multiphoton 

imaging (SHG and FWM imaging). Flowing cells then arrive at the SHG and FWM imaging section. A Ti:sapphire 

laser (Synergy, Spectra Physics) with a FWHM of temporal pulse duration of 17 fs, a repetition rate of 75 MHz, a 

central wavelength of 793 nm, and a FWHM of spectral bandwidth of 43 nm. A 2D-galvanometric scanner (6210H, 

Cambridge Technology) is controlled by a triangle wave at 5 Hz (slow axis) and another triangle wave at 500 Hz 

(fast axis) so that the incident laser beam is scanned over 150 µm in 100 ms (along the stream direction) and 50 µm 

at 5 Hz (perpendicular to the stream direction) on the focal plane. For the separation of the SHG signal from others, 

three band-pass filters (FBH400-40, Thorlabs) with a center wavelength of 400 nm and a FWHM of bandwidth of 

40 nm. Then, the SHG signal is detected by a photomultiplier tube (H7732-01, Hamamatsu Photonics) with a high 

quantum efficiency. Fig. 2 (a) and (b) show examples of constructed FWM and SHG images of Chromochloris 

zofingiensis cells, respectively. The FWM image visualizes the morphology of the cell based on the third-order 

susceptibility of molecules within the cells. On the other hand, the SHG image selectively visualizes the distribution 

of starch accumulated in the cells. Fig. 2 (c) is the composite image of Fig. 2 (a) and (b).  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Fig. 1. Schematic of FWM and SHG imaging flow cytometer. APD1: avalanche photodetector for FWM signal 

detection; APD2: avalanche photodetector for He:Ne laser beam detection; PMT: photomultiplier tube; LPF1: 750-

nm long-pass filter; LPF2: 650-nm long-pass filter; SPF1: 750-nm short-pass filter; SPF2: 700-nm short-pass filter; 

BPF: 400-nm bandpass filter; OL: objective lens; AL: achromatic lens. 



Fig. 2. FWM and SHG images taken by the label-free multiphoton imaging flow cytometer. (a) and (b) are 

constructed FWM and SHG images of C. zofingiensis cells, correspondingly. (c) composite image of FWM and 

SHG images. 

 

Results of multiphoton imaging flow cytometry 

To demonstrate the utility of multiphoton imaging flow cytometry, I carried out multiphoton imaging of the C. 

zofingiensis cells from day 0 to day 9 after the glucose supplementation with a laser power of 70 mW on the sample 

and a pixel duration of 10 µs (equivalent to an image capture duration of 100 ms) with the label-free imaging flow 

cytometer. I obtained 2,000 FWM and SHG images of C. zofingiensis cells for each cultural condition. Violin plots 

of the C. zofingiensis cell’s area are shown in Fig. 3. It is indicated that the cell size reached a maximum at around 

day 6 and then reduced. 

To better understand the morphogenesis of C. zofingiensis, I performed the FWM and SHG image analysis 

to see how the spatial distribution of starch accumulated in C. zofingiensis cells changes after glucose 

supplementation. The scatter plots of “the fraction of SHG intensity” and the C. zofingiensis cell size in Fig. 4. “The 

fraction of SHG intensity” was computed by using the “MeasureObjectIntensityDistribution” module on 

CellProfiler 4.1.3. As a first step in this process, Each C. zofingiensis cell visualized by FWM imaging was split 

into the inner bin (bin 1) and the outer bin (bin 2). Next, the sum of SHG signal intensities in each bin was computed 

to derive “the fraction of SHG intensity” in bin 1. The scatter plots for day 0 and day 1 are well represented as a 

single population, which means that the cell cycles of C. zofingiensis cells are noticeably uniform after preculture. 

From day 2, each scatterplot shows two populations, corresponding to mature cells (> 60 µm2) and daughter cells 

(< 60 µm2). The former population (> 60 µm2) has a smaller value of SHG fraction in bin 1 (which indicates that 

starch exists more uniformly inside of the cells), whilst the latter population (< 60 µm2) has a larger value of SHG 

fraction in bin 1 (which indicates that starch is more localized around the center of the cells). Additionally, an anti-

correlation between the SHG fraction and the cell size is observed among the mature cells (cell population with a 

larger cell size). The observed anti-correlation is accounted for by the hypothesis by Fučíková et al. 5 that more 

mature cells have multiple parental chloroplasts while younger cells contain just a single chloroplast. There is 

another noteworthy finding on the scatter plots, which is that the cell population of daughter cells is shifted to Q4 

(higher SHG fraction in bin 1) on day 6 and day 7. This shift indicates that if mature cells were divided into daughter 

cells on day 5 and day 6, the accumulated starch was more concentrated around the center of the daughter cells, 

suggesting that the starch in the daughter cells is more centrally localized in the case that they are divided from the 

parental cells possessing more numerous (4, 8, and 16) nuclei rather than divided from the parental cells with 2 

nuclei.  

 

 

 

 

 



 

 

 

 

 

 

 

 

 

 

 

 

 

Fig. 3. Changes in C. zofingiensis cell size after glucose supplementation.  

 

 

 

Fig. 4. Scatter plots of SHG fraction v.s. the cell area of C. zofingiensis cells from day 0 to day 9 after glucose 

supplementation.   

 

Conclusion 

In this work, I developed a new label-free imaging flow cytometry named label-free multiphoton imaging flow 

cytometry for high-throughput imaging of noncentrosymmetric materials in living cells and demonstrated its utility 

by imaging C. zofingiensis cells. As a result, it was observed that starch was more evenly present in larger mature 

cells, which is accounted for by the more mature cells holding a larger number of chloroplasts. Another noteworthy 

finding was the starch was more centrally localized in the daughter cells on day 6 and day 7, which implies that the 

starch was more localized if they were newly divided from larger parental cells. The newly developed label-free 

multiphoton imaging flow cytometry solved the problems of conventional fluorescence-based imaging flow 

cytometry and paves the way for further statistical microbiological studies, including the metabolic analysis of the 

interaction of chloroplast-driven photosynthesis and mitochondrial glucose metabolism in microbiological cells.  
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1. Introduction 

1-1.  Flow cytometry 

Flow cytometry is a powerful technique to analyze and sort single cells and particles in heterogeneous mixtures 

at high throughput. By incorporating principles of fluid dynamics, optics, electronics, and data analysis, flow 

cytometry provides detailed information in a rapid manner. Specifically, not only cell size and shape, but also 

surface markers on cell membranes, and intercellular molecular properties can be measured and analyzed with 

a flow cytometer 1–8. Because of its splendid utility, flow cytometry is widely used in various fields such as 

immunology, microbiology, molecular biology, and others. For instance, flow cytometry is utilized in 

immunology as an essential tool for distinguishing and categorizing cell types such as T-cells based on single-

cell resolved multi-parametric analysis.  In microbiology studies, flow cytometry is employed to classify 

different types of cells and isolate efficient cells that accumulate valuable molecules such as lipids and 

carotenoids with a flow cytometer with a cell sorting system. Flow cytometry also plays an important role in 

microbiology, such as gene expression analysis and intercellular signal pathway analysis by acquiring and 

analyzing fluorescence signals and evaluations of protein-protein interactions by utilizing fluorescence 

resonance energy transfer (FRET) in flow cytometry. Moreover, flow cytometry proves its merit in rare-cell 

detection and isolation owing to its capability of high-speed and successive measurements. Rare cells such as 

circular tumor cells (CTCs), circular endothelial cells (CECs), minimal residual disease (MRD), and rare 

subsets of immune cells can be detected and sorted with a flow cytometer, which is challenging with a 

conventional microscope because of its slow throughput. As shown in the examples above, flow cytometry is 

nowadays applied to diverse situations. In the subsequent parts of this section, I will trace the history of the 

development of flow cytometry and then provide an overview of the system’s configuration of today’s typical 

flow cytometer.  

Flow cytometry began in the late 1940s with the invention of the "Coulter Counter" by Wallace H. 

Coulter 9. This Coulter’s invention was motivated by the great demand for high-speed and accurate assessments 

of blood cells in blood. Before the emergence of Coulter Counter, blood cells were counted manually with 

microscopes, which limited the number of countable blood cells. Coulter provided Coulter Counter as the 

fundamental solution, which paved the way for today’s flow cytometry. A coulter Counter is an electronic 

device designed to count and measure particles suspended in liquid media. This instrument established the 

basis for flow cytometry by introducing the concept of impedance-based particle detection, now known as the 

Coulter principle. The Coulter principle expresses that the electrical impedance changes when particles 
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suspended in electrically conductive media pass through a small cavity, allowing these particles to be detected 

and counted. In order to improve the cell counting accuracy, Coulter and his brother devised a refined method 

to measure the volume of the cell suspension accurately with a mercury manometer and integrated it into the 

Coulter Counter. As a result of these simple and innovative techniques, the Coulter Counter achieved cell 

counting at a rate of > 6,000 events/s (about 100 times faster than the conventional manual counting with a 

microscope) with about 10 times better accuracy than the conventional manual method 10. Because of its 

capability of accurate and rapid cell counting, blood cell counting by the Coulter Counter was demonstrated at 

the National Institute of Allergy and Infectious Disease (NIAID), showcasing its excellent utility in hematology 

11. Moreover, the Coulter’s principle also contributed significantly to forming standardized methods for quality 

testing in a variety of areas, including pharmaceutical, cosmetics, and food industries.  

As an expansion of the Coulter Counter, in the advancements in science and technological 

breakthroughs in the middle of the 20th century, Mack Fulwyler designed and developed an innovative 

apparatus that enabled not only cell volume measurements but also cell sortings based on the measured cell 

volumes in 1965 12. In the cell sorting system, at the first step, an electric pulse linear to each cell’s volume 

was acquired based on the Coulter principle when the cell passes through an aperture. After this electrical 

detection stage, the cell was captured into a droplet generated with a piezoelectric element driven at 72 kHz. 

Following the encapsulating process, the droplet capturing the cell was electrically charged according to the 

measured cell volume by a charging collar. Then, an electric field between deflection plates separates the 

electrically charged droplet into the suitable collection containers. With this cell sorting system, he achieved 

cell separations of human red blood cells, mouse blood cells, and mouse lymphoma cells at a throughput of 

500 – 1,000 cells/s, up to 50 percent separation rate, and with a viability of > 96%. This result was 

incomparably superior in both throughput and accuracy to previous primitive methods, such as manual picking 

of cells under microscopes, cell separation utilizing centrifuges, and cell filtration with filters with different 

pore sizes. Moreover, the high viability of Mack Fulwyler’s cell sorter also holds significant advantages in its 

applications, such as cell sorting and cell culturing for regenerative medicine applications. The capability of 

cell sorting with high viability also means that both time and financial costs can be reduced. Owing to its 

exceptional utility, Fulwyler’s revolutionary electrostatic cell sorting technique has been taken over 

fluorescence-activated cell sorter as described below and is utilized for high-speed and accurate cell separation 

in various fields such as life science and microbiology.  



8 

 

As a further advancement of flow cytometry, Leonard Herzenberg et al. developed the fluorescence-

activated cell sorter (FACS) in the 1970s 13. FACS integrated the Coulter principle with fluorescence detection 

and Fulwyler’s cell sorting scheme, allowing cell sorting based on the signal from fluorescence markers tagged 

on the surface of each single cell in flow. FACS was invented to meet the demand to isolate lymphocytes and 

their mutants in immunological and genomic studies.  Isolations of lymphocytes were challenging with 

utilizing existing methods such as Fulwyler’s method based on cellular volume and centrifugation based on 

cellular density. Hence a new cell sorting method depending on the differences of cell surface structures was 

required. To address this need, FACS utilized fluorescence markers to tag the cellular surface, subsequently 

obtaining the cell surface information based on the fluorescence signal. After the fluorescence signal 

acquisition, each droplet containing a single cell was electrically charged according to the acquired signal 

intensity in the same manner as Fulwyler’s system. The charged droplet was then sorted into appropriate 

containers by the electric field between deflection plates. As a result, this new type of cell sorting system 

offered the capability of isolating cells based on set thresholds of fluorescence signal intensity in addition to 

cellular size with a throughput of 5,000 cells/s and a purity of 90 – 99%, widening its application areas 

including microbiology and life science.  

Fig. 1 shows a schematic of a conventional single-point flow cytometer. As illustrated, a flow 

cytometer is composed of a hydrodynamic system, excitation light sources, and optical detection systems. The 

fluidic system is capable of transporting samples with a constant flow speed, ensuring that single cells or 

particles pass through the device in a single line. This alignment is vital for analyzing individual cells as they 

pass through the excitation beam without undercounting. An excitation source is also needed to get a signal 

from the cells, and a variety of lasers are available.  Continuous wave (CW) lasers play an essential role in 

flow cytometry, providing monochromatic coherent light sources for the excitation of fluorophores and the 

generation of scattering signals. Lasers of various wavelengths can be selected according to the chromophore 

and the applications. On the other hand, pulse lasers play crucial roles in the excitation for nonlinear optical 

processes, such as two-photon fluorescence, coherent-anti Stokes Raman scattering, and stimulated-Raman 

scattering. Multiple lasers can be utilized in a single flow cytometer to excite multiple fluorophores and other 

biomarkers simultaneously, expanding the range of measurable parameters. A flow cytometer's optical 

detection system works for selective collections of the scattered and fluorescence signals generated by the 

interaction between samples and laser light. This detection system commonly comprises some optical elements 

such as lenses, mirrors, and spectral filters to filter unwanted photons and collect only the optical signal onto 
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appropriate detectors. The selection and combination of spectral filters are critical for isolating specific 

wavelengths of light. Spectral filters such as short-pass filters, long-pass filters, and band-pass filters allow the 

separation of fluorescent signals and other optical signals emitted from samples, increasing the detections' 

specificities. Photomultiplier tubes (РMT) and avalanche photodiodes (АPD) are commonly used for optical 

signal detections because of their higher quantum efficiencies. The detected optical signals are converted into 

analog electrical signals by these detectors. Then, the analog signals are digitized and sent to computers by 

data acquisition (DAQ) systems. Raw data from a flow cytometer is processed on a computer in order to 

characterize each single cell and properties of selected cell populations and to compare between various 

experimental conditions. Variable parameters such as mean values, median values, and coefficients of multi-

color fluorescence intensities are commonly used for statistical analysis. Moreover, applying advanced 

statistical methods, including clustering analysis and machine learning algorithms, can also be utilized for 

revealing patterns and relationships within the data.  The analyzed data in flow cytometry can be expressed in 

various forms, such as histograms, violin plots, scatter plots, and contour plots. The results of these analyses 

of the acquired data have been applied to variable fields such as microbiology and life science.     

 

Fig. 1. Schematic of a conventional single-point flow cytometry system.   
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1-2. Imaging flow cytometry 

As described in the previous section, conventional (single-point) flow cytometry is a useful tool for a variety 

of applications, but it lacks spatial information in return for its high-throughput measurements. Because of this 

drawback, we cannot obtain morphological information and biomarker distribution within target cells with a 

single-point flow cytometer.  

On the other hand, imaging flow cytometry is capable of high-throughput single-cell “imaging” by 

incorporating the schemes of flow cytometry and fluorescence microscopy (Fig. 2). So far, various schemes 

for acquiring continuous single-cell images in flow have been demonstrated. In the case of adopting methods 

to illuminate a whole single cell at the same time, such as wide-field excitation 14 and light-sheet excitation 15–

19, a cellular image can be obtained by utilizing a multi-pixel detector such as a charge-coupled device (CCD) 

camera with time-delay integrations (Generally < 100 MHz) 14,20 and a faster complementary metal oxide 

semiconductor (CMOS) camera 15–18. Recently, techniques such as virtual-freezing fluorescence imaging 

(VIFFI) 17,18 have been demonstrated to improve signal-to-noise ratio (SNR) without dropping its throughput 

by gaining longer exposure time to flowing cells in a microfluidic channel. In the case of employing an 

illumination scheme of scanning a beam spot on a cell using optical scanners 21 or acousto-optic deflectors 

(AODs) 21–24 , conversely, the fluorescence signal from each point on the cell can be detected by a single-pixel 

detector with high sensitivity and fast sampling rate (> 1 GS/s), such as avalanche photodetector (APD) or a 

photomultiplier tube (PMT). Following the signal detection, a fluorescence image can be constructed based on 

the acquired signals on a computer. By reducing the volume of illumination, the photon flux on the sample can 

be increased, leading to the improvement of two-photon fluorescence intensity due to its nonlinearity. Besides, 

high-speed fluorescence imaging flow cytometry at a rate of up to 16,000 frames/s 21 has been demonstrated 

with the combination of a rapid beam scanning scheme and a high-speed single-pixel detector. Owing to its 

efficacy, imaging flow cytometry has been employed across a wide range of fields in research in biology and 

life science, as described in this section.  

Owing to its efficacy, imaging flow cytometry has been employed across a wide range of fields in 

research in biology and life science, as follows. One of the application targets of imaging flow cytometry is 

cell-cell interaction analysis. For example, the interaction between circular tumor cells (CTCs) and dendritic 

cells (DCs) was visualized and analyzed by imaging flow cytometry 25. Before this work was demonstrated, 

conventional single-point flow cytometers were used for this purpose with limitations. In the CTCs and DCs 

interaction measurements with a conventional single-point flow cytometer, CTCs and DCs are labeled with 
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different color tags, and the dual color fluorescence signals from them are recorded as pulses with two different 

channels. When CTCs and DCs interact with each other, these pulse signals overlap in the temporal domain. 

So, analysis of the overlap between the two-color signals works as an indicator of these cells’ interaction. 

Nonetheless, this single point detection method cannot provide spatial information of cells, missing important 

morphological information such as if cells are single cells or CTC clusters, and the size of the clusters. This 

limitation was solved with imaging flow cytometry due to its imaging capability. In imaging flow cytometry, 

single cells and clusters could be easily distinguished by the taken images of labeled cells. Further analysis 

revealed that the flowing velocity of the CTC-DC cluster is slower than the single DC and the DC cluster. The 

slow migration of CTC-DC clusters may bring a new finding into the metastasis of cancer.  

One of the other interesting phenomena that can be measured by imaging flow cytometry is 

phagocytosis 26. Phagocytosis is a vital immune system process in which antigen particles are taken up by some 

type of cells, such as macrophages and neutrophils 27. Because of its capability of image capturing, imaging 

flow cytometry provides image data with information on the number of particles taken up by phagocytosis and 

their localizations within cells. Based on the image data analysis, the effect of the environmental temperature 

on the efficiency of phagocytosis can be evaluated statistically 28, which could not be achieved by conventional 

single-point flow cytometry.  

Extracellular vesicles (EVs) analysis was also demonstrated by imaging flow cytometry 20,29. Various 

types of nano- and micron-sized membrane-coated particles are released from cells into the extracellular 

environment. These EVs are classified into different subtypes, such as exosomes (70-150 nm) and 

microvesicles (100-1000 nm).  They are assembled in cell-type-dependent ways to act as mediators for 

complex intercellular interactions, both locally (autocrine signaling and paracrine signaling) and remotely 

(endocrine signaling), under both pathological and healthy states 30. So, they are gaining increasing recognition 

as potential biomarkers and remedial agents 30,31.  Conventional flow cytometers typically cannot detect objects 

smaller than 200-300 nm and are essentially blind for small EVs (sEV) 32. On the contrary, imaging flow 

cytometers are able to detect sEVs tagged with enhanced Green Fluorescent Protein (eGFP) and even 

distinguish single sEVs in complex samples with cells without any prior preparation 20. The capability of 

imaging flow cytometry would be helpful for a better understanding of EV's heterogeneity from functional 

perspectives. In addition to the above, imaging flow cytometry is also used in a variety of research areas, such 

as subcellular localization of signaling molecules 15,33 and cell-cycle analysis 34,35.  
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Fig. 2. Schematic of imaging flow cytometer.  

 

1-3. Label-free imaging flow cytometry 

In spite of its great capabilities of identification and classification of individual single cells based on captured 

fluorescence images as described in the last section, fluorescence imaging flow cytometry remains drawbacks 

due to its labeling such as required both time and financial costs, cytotoxicity, its non-specific bindings and 

potential interferences with small molecules’ functions, and challenges in labeling intracellular molecules 36. 

Label-free imaging flow cytometry is emerging as a valuable tool for research in biology and life science, 

overcoming technical constraints in traditional fluorescence-based imaging flow cytometry mentioned above. 

Until now, mainly two different types of label-free imaging flow cytometry have been demonstrated in addition 

to conventional bright-field imaging flow cytometry.  

First, optofluidic time-stretch flow cytometry was developed for quantitative phase imaging 37,38. It 

captures quantitative phase images of large numbers of single cells at high event rates of over 10,000 events 

per second (eps) 37. Optofluidic time-stretch quantitative phase imaging flow cytometry enabled large-scale 

analysis and screening of large amounts of single cells using computational approaches such as compressive 

sensing and machine learning. This method has so far been demonstrated, with the aid of machine learning, 

for high-speed imaging of leukocytes for drug screening 39,40, detection and classification of aggregating 

platelets 41,42 and screening for leukemia 43. 
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Next, vibrational imaging flow cytometry via stimulated Raman scattering (SRS) was developed 44. 

SRS imaging flow cytometry provided chemical images of intracellular molecules based on their Raman signal 

intensities with a throughput of up to 140 eps. This technique enabled visualization of intracellular contrast of 

lipid, paramylon, and chlorophyll in E. gracillis cells, letting a classification of the cells cultured under 

different conditions with an accuracy of > 99%. Marker-free cancer cell detection was also demonstrated with 

SRS imaging flow cytometry based on SRS contrast images of protein, lipids, and hemoglobin SRS imaging 

flow cytometry.  

Even with the progress of optofluidic time-stretch imaging flow cytometry and SRS imaging flow 

cytometry, the entire characterization of a broad range of complex biological systems in a label-free way still 

remains challenging because of the limited information acquired by these methods. Especially optofluidic 

quantitative time-stretch phase imaging lacks the ability to provide chemical specificity, thus failing to assess 

the chemical composition of cells while providing three-dimensional morphological details of single cells. 

Conversely, SRS imaging flow cytometry provides chemical specificity, but its chemical imaging capabilities 

are limited by small Raman scattering cross-sections of biomolecules (10-30 cm2/sr) 45 and the narrow 

bandwidth of SRS (typically limited to a high wavenumber range from 2,800 to 3,200 cm-1), which stems from 

the scarcity of available laser sources. Besides those two methods, though other types of label-free imaging 

flow cytometry, such as bright-field imaging flow cytometry 34,46,47 and dark-field imaging cytometry 47,48 are 

reported, they also hold the same drawback of lacking chemical specificity as optofluidic time-stretch flow 

cytometry. Even though the fusion of label-free imaging and machine learning has certainly advanced the 

biological understanding extracted from the collected images, accessing more chemical details at the raw data 

level is vital for leveraging the full potential of label-free imaging flow cytometry. Especially, it is still 

challenging to carry out imaging of some key biomolecules, such as starch and collagen, by label-free imaging 

flow cytometry. 

 

1-4. Goal of this thesis  

As described in the last section, it had still been difficult to perform imaging of starch and collagen with the 

existing label-free imaging flow cytometer. The goal of this thesis was to observe these molecules within cells 

and track the changes in their amounts and intracellular distributions in a statistical manner to deepen the 

knowledge in microbiology and life science, which was challenging to achieve by using existing label-free 

imaging flow cytometers or other methods such as bright-field microscopes and slow throughput electron 
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microscopes. To achieve this goal, the development of a new type of label-free imaging flow cytometer that 

broadens the range of accessible intracellular information was essential.  

In this thesis, I developed a new variety of label-free imaging flow cytometry for high-throughput 

visualization of starch and collagen in living cells: label-free multiphoton imaging flow cytometry 49. My 

multiphoton imaging flow cytometer provides nonlinear optical images, where image contrast is produced by 

two kinds of nonlinear optical effects: second-harmonic generation (SHG) and four-wave mixing (FWM). 

SHG is an optical effect resulting from the second-order optical susceptibility of materials and is employed to 

visualize starch 50, collagen 51, and other non-centrosymmetric materials 52. On the other hand, four-wave 

mixing (FWM) is a third-order nonlinear optical process that occurs under the presence of intense light and 

involves the interaction of three initial light waves with samples, resulting in the generation of a fourth 

wavelength. Notably, FWM has been utilized for high-contrast label-free visualization of cytoplasm within 

cells 53–55. The multiphoton imaging flow cytometer consists of a microfluidic system, a dual color (SHG and 

FWM) microscope with a 2D-scanned focused beam, and a fast signal acquisition circuit designed to 

simultaneously capture SHG and FWM images of flowing cells. The reason why I adopted the raster-scan 

configuration rather than a wide-field or light-sheet illumination scheme for the multi-photon imaging flow 

cytometer is that the efficiencies of SHG and FWM are remarkably increased under stronger light fields by 

virtue of their nonlinear processes. Consequently, the multi-photon imaging flow cytometer can acquire SHG 

and FWM images with a pixel resolution of 100 × 100 pixels, a spatial resolution of 500 nm, a field of view 

of 50 μm × 50 μm, and an intensity depth of 14-bit at a high event rate of 4-5 event per second, equivalent to 

a throughput of 560-700 kb/s. 

In order to demonstrate the potential of my multiphoton imaging flow cytometer, I applied the system 

to analyze Chromochloris zofingiensis (NIES-2175), a type of green algae, which have recently attracted 

industrial attention due to its capability to efficiently produce valuable materials for bioplastic 56,57, biofuel 58, 

and food 59. There is currently a strong need to optimize the culture conditions of C. zofingiensis cells for 

enhancing their starch production efficiency. Traditionally, starch accumulated in C. zofingiensis cells is 

measured by Lugol staining 60 or colorimetric analysis 61. However, these methods necessitate cell fixation, 

expensive consumables, and lengthy protocols. In addition, colorimetric assays collectively measure the 

amount of accumulated starch in bulk in terms of weight per biomass unit, thus losing crucial information on 

cellular heterogeneity that is indispensable for understanding cellular metabolism with a single-cell resolution. 

My multiphoton flow cytometer solved this challenge by characterizing cell size, intracellular starch content, 
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and its spatial distribution without any labeling. As a practical demonstration, I captured 2,000 SHG and FWM 

images of C. zofingiensis cells using the multiphoton flow cytometer 0-9 days after refreshing the culture 

medium. Analysis of the acquired images revealed that synthesized starch was centrally located in the cell 

during the early stages of the cell cycle and delocalized during the late stages. Label-free multiphoton imaging 

flow cytometry paves the way for richly detailed statistical studies of biological functions and optimization of 

the development of highly productive cell lines. 
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2. Methods 

2-1. Theory 

As described in section 1-4, my label-free imaging flow cytometry adapts two kinds of nonlinear optical 

processes: second-harmonic generation (SHG) and four-wave mixing (FWM). SHG is utilized for the 

visualization of intracellular noncentrosymmetric materials, while FWM is employed for acquiring cellular 

outlines. In this section, I will explain the background theories of SHG and FWM, respectively.  

 

2-1-1. Second-harmonic generation (SHG)  

SHG is a second-order nonlinear optical process resulting from interactions between noncentrosymmetric 

materials and intense light fields. The induced second-order polarization for the material is expressed as 62–64 

𝑷 = 𝛘(𝟐)𝑬𝑬 (𝟏) 

where 𝑷  is the second-order polarization caused by the interaction between light and a material, 𝛘(𝟐)  is a 

second-order optical susceptibility of the material, and 𝑬  is the electric field vector of the incident light, 

respectively.  

In the case that the material has a center symmetricity, substituting −𝑬 into 𝑬 in the right side of the 

equation (1) yields −𝑷 as follows. 

−𝑷 = 𝛘(𝟐)(−𝑬)(−𝑬 )

= 𝛘(𝟐)𝑬𝑬 (𝟐)
 

By comparing the equation (1) and (2), the induced second-order polarization 𝑷  = 0 if the material is 

centrosymmetric. Because of this nature, SHG is used for imaging of noncentrosymmetric materials, such as 

endogenic starch 50, collagen 51, and myosin 65, as well as exogenic SHG tags 52. 

 Jablonski energy diagram of SHG can be described as Fig. 3.  In the process of SHG, strong light 

fields interact with samples and induces second-order optical polarization as described in the equation (1), 

generating a new photon with double energy (double frequency) (Fig. 4).  The relationship between the SHG 

signal intensity and the properties of the incident pulse can be considered as below. The incident pulse is well 

approximated as a Gaussian. 

𝑰(𝒕) =  𝐀 𝐞𝐱𝐩(−𝐛𝒕𝟐) (𝟑) 

where I(t) is the pulse intensity in time domain, A and b are coefficients for amplitude and pulse duration, 

respectively. Under this assumption, the pulse energy 𝑸 and the full width at half maximum (FWHM) of the 

pulse duration 𝝉𝐩𝐮𝐥𝐬𝐞 are expressed as follows. 
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𝑸 =  𝐀√
𝛑

𝐛
(𝟒) 

𝝉𝐩𝐮𝐥𝐬𝐞  =   𝟐√
𝐥𝐧(𝟐)

𝐛
(𝟓) 

From the equation (1), (4), and (5), the relationship between SHG signal intensity, the incident pulse energy 

and pulse duration are derived as follows. 

𝑰 𝐒𝐇𝐆 ∝ |𝑷|𝟐 

∝  ∫ 𝛘(𝟐)𝟐
𝑰(𝒕)𝟐  𝒅𝒕 

=  |𝛘(𝟐)|𝟐 ∫ 𝐀𝟐 𝐞𝐱𝐩(−𝟐𝐛𝒕𝟐)  𝒅𝒕 

=  |𝛘(𝟐)|𝟐 𝐀𝟐√
𝛑

𝟐𝐛
 

∝
𝑸𝟐

𝝉𝐩𝐮𝐥𝐬𝐞

(𝟔) 

As shown in the equation (6), SHG signal intensity is enhanced quadratically by increasing incident laser 

power as well as by shortening pulse duration.  

Next, a schematic of spectral profile of SHG signal and a fundamental beam is depicted as Fig. 4. An 

intensity profile of an input pulse in spectral domain can be approximated as Gaussian   

𝑰𝐩𝐮𝐥𝐬𝐞(𝛌) =  𝛂 𝐞𝐱𝐩[−𝛃(𝛌 − 𝛌𝐜𝐞𝐧𝐭𝐞𝐫)𝟐] (𝟕) 

where 𝛂 and 𝛃 are coefficients for amplitude and spectral width, and 𝛌𝐜𝐞𝐧𝐭𝐞𝐫 is a center wavelength of the input 

pulse, respectively. Under this approximation, FWHM of the spectral width of the input pulse is expressed as 

follows. 

𝛔𝐩𝐮𝐥𝐬𝐞  =   𝟐√
𝐥𝐧(𝟐)

𝛃
(𝟖) 

From the equation (7), the spectral profile of the SHG signal is derived as follows. (Note that the wavelength 

of the SHG signal is half that of the fundamental beam.) 

𝑰𝐒𝐇𝐆(𝛌) ∝ |𝑰𝐩𝐮𝐥𝐬𝐞 (𝟐𝛌)|
𝟐
 

=  {𝛂 𝐞𝐱𝐩[−𝛃(𝟐𝛌 − 𝛌𝐜𝐞𝐧𝐭𝐞𝐫)𝟐]}
𝟐
 

=  {𝛂 𝐞𝐱𝐩 [−𝟒𝛃 (𝛌 −
𝛌𝐜𝐞𝐧𝐭𝐞𝐫

𝟐
)

𝟐

]}

𝟐
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=  𝛂𝟐 𝐞𝐱𝐩 [−𝟖𝛃 (𝛌 −
𝛌𝐜𝐞𝐧𝐭𝐞𝐫

𝟐
)

𝟐

] (𝟗) 

With the equation (9), the FWHM of SHG signal can be calculated as below. 

𝛔𝐒𝐇𝐆  =   𝟐√
𝐥𝐧(𝟐)

𝟖𝛃
 

 =   √
𝐥𝐧(𝟐)

𝟐𝛃
(𝟏𝟎) 

From the equation (8) and (10), the ratio between the FWHM of SHG spectral width and spectral width of the 

fundamental beam is 

𝛄 ≡  
𝛔𝐒𝐇𝐆

𝛔𝐩𝐮𝐥𝐬𝐞
  

=  
𝟏

𝟐√𝟐
(𝟏𝟏) 

Though some previous articles reported that the ratio between the FWHM of the spectral width of SHG and 

an input pulse is 
𝟏

√𝟐
  63,66, it is incorrect. Tobias et al. proved that the factor is 

𝟏

𝟐√𝟐
 , both theoretically and 

experimentally 67. This value is helpful information for selecting bandpass filters with suitable bandwidth for 

SHG detection.  Moreover, the SHG's spectral information is critically important to confirm that there is no 

spectral overlap with other light, such as the fundamental beam and fluorescence, which is necessary for multi-

color imaging.  

 The square of the illumination point spread function (IPSF) is a factor that limits the spatial resolution 

in imaging with two-photon excitation, and the square of the IPSF is approximated as follows 68. 

𝛚𝐗𝐘 =  
𝟎. 𝟑𝟐𝟎𝛌

√𝟐𝐍𝐀
(𝟏𝟐) 

𝛚𝐙 =  
𝟎. 𝟓𝟑𝟐𝛌

√𝟐
(

𝟏

𝐧 − √  𝐧𝟐 − 𝐍𝐀𝟐
) (𝟏𝟑) 

where 𝛚𝐗𝐘 and 𝛚𝐙 represents the lateral and axial width at the 1/e of the maximum of the intensity squared 

value, respectively. 𝛌 is the wavelength of the fundamental laser. NA is the numerical aperture of the objective 

lens, and 𝐧 is the refractive index of the medium. In the case of the developed label-free multiphoton imaging 

flow cytometer, 𝛚𝐗𝐘 and 𝛚𝐙 are calculated as 𝛚𝐗𝐘 =  280 (nm) and 𝛚𝐙 =  1.3 (µm) by the substitution of 𝛌 

= 800 (nm), 𝐍𝐀 = 0.65, and 𝐧 = 1.0. Note that the lateral spatial resolution of the developed label-free imaging 

flow cytometer is limited by the pixel size of 500 nm.  
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Fig. 3. Jablonski energy diagram of SHG. In the process of SHG, two photons are converted into a new photon 

with a double frequency. 

Fig. 4. Schematic of the spectral shift of SHG signal from a fundamental beam. The center wavelength of 

SHG is half of that of the fundamental beam.  
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2-1-2. Four-wave mixing (FWM) 

FWM is a third-order nonlinear optical process where three input waves interact with a sample and generate a 

new fourth wave 54. FWM imaging allows us to visualize the contrast based on the distribution of third-order 

nonlinear optical susceptibility of intracellular molecules 53–55 as well as nanoparticles 54,69. 

In FWM processes, the induced polarization can be expressed as 53,55  

𝑷(−𝛚𝟒) = 𝛘(𝟑)(−𝛚𝟒;𝛚𝟏 , 𝛚𝟐 , −𝛚𝟑)𝑬(𝛚𝟏)𝑬(𝛚𝟐)𝑬(−𝛚𝟑) (𝟏𝟒) 

where 𝑷(−𝛚𝟒)  is the induced polarization caused by the interaction between incident light and matters, 

𝛘(𝟑)(−𝛚𝟒;𝛚𝟏 , 𝛚𝟐 , −𝛚𝟑) is the third-order optical susceptibility, 𝑬 is the electric field vector of the incident 

light, respectively. In the equation (14) the positive signs of frequencies (𝛚𝟏 and 𝛚𝟐) mean the frequencies of 

destroyed photons, whereas the negative signs of frequencies (−𝛚𝟑  and −𝛚𝟒 ) are the generated photons’ 

frequencies. Moreover, 

𝛚𝟒 = 𝛚𝟏 + 𝛚𝟐 − 𝛚𝟑 (𝟏𝟓) 

is satisfied as illustrated Jablonski energy diagram in Fig. 5 53. In FWM with a single pulse laser source, the 

frequency of the FWM signal is both blue-shifted and red-shifted from the fundamental beam (Fig. 6). By 

putting a long-pass filter and a shot-pass filter before and after the sample, blue-shifted FWM signal, which is 

spectrally separated from autofluorescence from the sample, can be selectively collected 49,55. 

Next, the relationship between FWM signal intensity and the the properties of incident pulse can be 

derived from the equations (3), (4), (5), and (15) as follows. 

𝑰𝐅𝐖𝐌 ∝ |𝑷(−𝛚𝟒)|𝟐 

∝ |𝑬(𝛚𝟏)𝑬(𝛚𝟐)𝑬(−𝛚𝟑)|𝟐 

∝  ∫ 𝑰(𝒕)𝟑  𝒅𝒕 

= ∫ 𝐀𝟑 𝐞𝐱𝐩(−𝟑𝐛𝒕𝟐)  𝒅𝒕 

=  𝐀𝟑√
𝛑

𝟑𝐛
 

∝
𝑸𝟑

𝝉𝐩𝐮𝐥𝐬𝐞
𝟐

(𝟏𝟔) 

where 𝑰𝐅𝐖𝐌 is FWM signal intensity, Q is the incident pulse energy, and 𝝉𝐩𝐮𝐥𝐬𝐞 is the FWHM of input pulse 

duration, respectively. As derived in the equation (16), FWM signal intensity is proportional to the cube of 

input pulse energy, while FWM signal intensity is proportional to the inverse of the square of the input pulse 
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duration. As shown in the equation (6) and (16), both SHG and FWM signal intensity can be enhanced by 

shortening the input pulse duration without the need to increase laser power. FWM is more sensitive to the 

input pulse duration, therefore pulse compression can be done easier by first making a rough adjustment based 

on SHG signal intensity and then fine-tuning based on FWM signal intensity 70. 

 

 

 

 

 

 

 

 

 

Fig. 5. Jablonski energy diagram of FWM. Input laser pulses interact with materials and fourth wave with the 

frequency of 𝛚𝟒 = 𝛚𝟏 + 𝛚𝟐 − 𝛚𝟑 is generated. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Fig. 6. Spectral shift of FWM signal from the fundamental beam. A combination of a long-pass filter and a 

short-pass filter enables us to separate the FWM signal from the fundamental beam.  
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2-2-1. Schematic of label-free multiphoton imaging flow cytometer  

The schematic of my label-free multiphoton imaging flow cytometer is depicted as Fig. 7. In the flow cytometer, 

in the beginning, cultured cells are transferred from Petri dishes to syringes. Then, these cells in syringes are 

delivered into a microfluidic chip (SC-BU-300300-L, Translume) by a syringe pump (Pump 11 Elite, Harvard 

Apparatus). The flow speed of cells is controlled as 2 mm/s by the pump. Flowing cells in the microfluidic 

chip are centrally focused into a single line by acoustic focusing with a piezoelectric element (2.44Z25*30R-

SYX(C-213), Nihon Denkei Co., Ltd.), which is attached on the rear side of the microfluidic chip. At the 

moment that each cell goes through a focused beam spot of HeNe laser (HNL020LB, Thorlabs), a change in 

the direction of the forward-scattered beam is registered by a Si avalanche photodetector (APD120A/M, 

Thorlabs), triggering multiphoton imaging (SHG and FWM imaging). Flowing cells then arrive at the SHG 

and FWM imaging section. A Ti:sapphire laser (Synergy, Spectra Physics) with a FWHM of temporal pulse 

duration of 17 fs, a repetition rate of 75 MHz, a central wavelength of 793 nm, and a FWHM of spectral 

bandwidth of 43 nm. A 2D-galvanometric scanner (6210H, Cambridge Technology) is controlled by a triangle 

wave at 5 Hz (slow axis) and another triangle wave at 500 Hz (fast axis) so that the incident laser beam is 

scanned over 150 µm in 100 ms (along the stream direction) and 50 µm at 5 Hz (perpendicular to the stream 

direction) on the focal plane. For the separation of the SHG signal from others, three band-pass filters 

(FBH400-40, Thorlabs) with a center wavelength of 400 nm and a FWHM of bandwidth of 40 nm. Then, the 

SHG signal is detected by a photomultiplier tube (H7732-01, Hamamatsu Photonics) with a quantum efficiency 

of about 20% around 400 nm. A wideband amplifier unit (C6438-01, Hamamatsu Photonics) connected to the 

photomultiplier tube (PMT) amplified the output signal from the PMT by a factor of 25 mV/µA. On the other 

hand, respectively positioned a long-pass filter (FELH0750, Thorlabs) with a cut-on frequency of 750 nm and 

a short-pass filter (FESH0750, Thorlabs) with a cut-off frequency of 750 nm before and after the microfluidic 

chip for collecting a blue-shifted FWM signal from cells selectively. The FWM signal is detected by an 

avalanche photodetector (APD120A/M, Thorlabs), whose peak of the sensitivity curve is around 700 - 900 nm.  

The SHG and FWM signals are converted to digital signals by a 14-bit digitizer (ATS9440, AlazarTech) set its 

sampling rate of 1 MS/s. A transistor-transistor logic output signal which is synchronized with one frame of 

imaging (i.e., a single trip of the scanner at 5 Hz) is sent to the digitizer. Output signals from a position sensor 

integrated into the galvanometric scanner at 500 Hz are also transferred to the DAQ board. These signals are 

processed on Igor (See section 2-3 for details) to construct SHG and FWM images. Accordingly, the label-free 
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multi-photon imaging flow cytometer allows SHG and FWM imaging with a size of 50 x 50 µm, a pixel density 

of 100 x 100 pixels, and at a throughput of 10 images/s.   

 

 

Fig. 7. Schematic of label-free imaging flow cytometer. Cells in syringes are delivered into a microfluidic chip 

by a syringe pump and then focused into a single line by acoustic force from a piezoelectric element. At the 

moment that each cell goes through a focused beam spot of the HeNe laser, a change in the direction of the 

forward-scattered beam is registered by a Si avalanche photodetector, triggering multiphoton imaging. Flowing 

cells then arrive at the SHG and FWM imaging section. A 2D-galvanometric scanner scans Ti:sapphire laser 

beam on the focal plane. Three band-pass filters with a center wavelength of 400 nm and a bandwidth of 40 

nm are used for selective detection of SHG signal with a photomultiplier tube. A long-pass filter with a cut-on 

frequency of 750 nm and a short-pass filter with a cut-off frequency of 750 nm are positioned before and after 

the microfluidic chip for collecting a blue-shifted FWM signal selectively. 
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2-2-2 Microfluidic system 

I utilized a retail available microfluidic chip made of fused silica (SC-BU-300300-L, Translume) for the label-

free multiphoton imaging flow cytometer without any requirement of lithography by myself. I glued a market-

ready piezoelectric element (2.44Z25*30R-SYX(C-213), Nihon Denkei Co., Ltd.) on the rear side of the 

microfluidic chip as shown in Fig. 8. The piezoelectric element is connected to an RF signal generator 

(DSG815, Rigor) with an amplifier (HSA4101, NF corporation) when the flow cytometer is in use. To focus 

flowing cells into a single line at the center of the channel of the microfluidic chip, the signal generator with 

the amplifier applies voltage with an amplitude of 7 V at a frequency of 2.62 MHz on the piezoelectric element 

to produce standing acoustic waves for acoustic focusing. As a note, a piezoelectric element converts received 

voltage signals into mechanical vibrations, which vibrate the microfluidic chip’s wall. The wall’s vibrations at 

the resonant frequency generate acoustic standing waves. In the case that the wavelength of the standing wave 

is twice the width of the microfluidic channel (regarding the case of this experiment, when voltage signals at 

2.62 MHz are applied to the piezoelectric element), a pressure node is created at the center of the channel, 

allowing acoustic focusing of cells into a single line 71. 

 

 

Fig. 8. A schematic of a microfluidic chip used in the label-free multiphoton imaging flow cytometer.   
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2-3. Working principle of label-free multiphoton imaging flow cytometry 

In this section, I describe how the acquired signals from the label-free multiphoton imaging flow cytometer 

are processed to construct FWM and SHG images and then extract cellular information, such as cell size, 

volume of intracellular noncentrosymmetric material, and spatial distribution of noncentrosymmetric material 

inside of cells. As presented in Fig. 9, the TTL voltage signal, the output signal at 500 Hz from the position 

sensor of the fast axis of the 2D-galvanometric scanner, the FWM signal detected with a Si avalanche 

photodetector, and the SHG signal amplified and detected by a PMT with an amplifier are sent to the channel 

1, 2, 3, 4 of the DAQ board, respectively. The DAQ board samples with a 14-bit intensity resolution at a 

sampling rate of 1 MS/s and converted these analog signals to digital signals. The raw data is loaded on Igor 

8.04 and processed with a code [Appendix.1] to construct SHG and FWM images with 100 x 100 pixels 

resolution and saved as tiff files. Examples of constructed FWM and SHG images of Chromochloris 

zofingiensis (NIES-2175) are shown in Fig. 10. The rescaled images are also put on the figure to enhance the 

visibility of the cells and contents of them. This intensity rescaling process was performed on ImageJ 1.53e.  

As a next step, the tiff files of FWM and SHG images were analyzed on Cellprofiler 4.1.3 as shown 

in Fig. 11. Fig. 11 (a) is an original constructed FWM image. In order to get rid of the background from the 

original image, 10 pixels are cropped from the top edge of the image using the “Crop” function (Fig. 11 (b)). 

Then, this cropped part was resized to be the same pixel size as the original image through the “Resize” module 

with the “Bicubic interpolation method” (Fig. 11 (c)). Subtraction of background (Fig. 11 (c)) from the original 

FWM image (Fig. 11 (c)) produced a background-free FWM image (Fig. 11 (d)). Following this, I obtained a 

binary image (Fig. 11 (e)) from the background-free FWM image (Fig. 11 (d)) by the “Threshold” module with 

the “thresholding method of Otsu”. Thereafter, the cellular outline (Fig. 11 (f)) was extracted from the binary 

image (Fig. 11 (e)) via the "IdentifyPrimaryObject” module. Based on the cellular outline, each single cell’s 

size was measured and output. In the same way as the FWM image processing above (Fig. 11 (a-f)), the original 

SHG image (Fig. 11 (g)) was loaded on Cellprofiler 4.1.3, trimmed as shown in Fig. 11 (h), and resized (Fig. 

11 (i)). Then, the background subtracted SHG image (Fig. 11 (j)) was obtained by the subtraction of Fig. 11 (i) 

from Fig. 11 (g). Fig. 11 (k) and (l) are a FWM image overlayed with a cellular outline (green) and an SHG 

image overlayed with a cellular outline (green), correspondingly. With the “MeasureObjectiveSizeShape” 

module, I obtained each cell’s area. In addition, the total SHG intensity value on pixels within the cellular 

outline was acquired using the “MeasureObjectIntensity” module. Furthermore, the intracellular spatial 
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distribution of SHG intensity value was calculated by means of the “MeasureObjectIntensityDistribution” 

module. 

 

 

Fig. 9. Data acquisition for the construction of FWM and SHG images. 
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Fig. 10. Examples of generated FWM and SHG images 
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Fig. 11. FWM and SHG images analysis using CellProfiler 4.1.3. (a) FWM image. (b) Background cropped 

from the original FWM image (c) Resized background. (d) Background-free FWM image. (e) Binary image. 

(f) Extracted cellular outline. (g) SHG image. (h) Background cropped from SHG image. (i) A Resized 

background of SHG image. (j) Background-free SHG image. (k) and (l) are a FWM image overlayed with a 

cellular outline and an SHG image overlayed with a cellular outline, correspondingly.   
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3. Experimental results and discussion 

3-1. SHG and FWM imaging of Chromochloris zofingiensis cells 

To showcase the capabilities of the label-free multiphoton imaging flow cytometer I developed, I used the 

system for the analysis of a species of green algae, Chromochloris zofingiensis (NIES-2175). C. zofingiensis 

has been attracted due to its high productivity of invaluable molecules for biofuels, bioplastics, and food. There 

is a strong requirement to find the best cultural conditions of C. zofingiensis cells to boost the efficiency of 

their starch synthesis. In general, accumulated starch in microalgae is assessed through colorimetric analysis 

or Lugol staining. As a fundamental problem, nonetheless, both methods need cell fixation, pricy consumables, 

and lengthy procedures. Besides, the colorimetric analysis assesses the total amount of starch within cells in a 

bulk manner, lacking access to information on cellular heterogeneity, which is crucial for metabolism study at 

the cellular level. Given the current situation, I demonstrated label-free multiphoton imaging flow cytometry 

of C. zofingiensis to solve the problems above. 

  Fig. 12 (a) and (b) are examples of FWM and SHG images of C. zofingiensis cells taken by the label-

free multiphoton imaging flow cytometer, correspondingly (The data processing to construct FWM and SHG 

images from detected nonlinear optical signals are described in section 2-3). The constructed FWM images 

show the cellular morphology based on 𝛘(𝟑) mapping of intracellular molecules. By contrast, the SHG images 

predominantly visualize the spatial distribution of starch inside the cells. Fig. 12 (c) is the merged images of 

FWM images (Fig. 12 (a)) and SHG images (Fig. 12 (b)) from the identical cells, which enable the display of 

the relative position of starch inside of the cells. Fig. 12 (d) and (e) show an FWM and SHG image of a 

polystyrene bead with a diameter of 6.0-μm, accordingly. The FWM image visualizes the shape of the 

polystyrene beads based on its third-order nonlinear susceptibility. In contrast, no signal is seen in the SHG 

image because polystyrene is not a noncentrosymmetric material. 

Fig. 12. FWM and SHG images taken by the label-

free multiphoton imaging flow cytometer. images. 

(a) and (b) are constructed FWM images and SHG 

images of C. zofingiensis cells, correspondingly. 

(c) composite image of FWM and SHG images. (d) 

and (e) are a FWM image of a 6.0-μm polystyrene 

bead and a SHG image of the bead, correspondingly. 

(f) Composite image of FWM and SHG images.  
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3-2. Change in the cell size of C. zofingiensis cells  

To present the advantage of label-free multiphoton imaging flow cytometry in being able to image a large 

number of single cells in sequence, I carried out imaging of C. zofingiensis cells to show statistically how 

cellular morphology changes with different medium conditions. The C. zofingiensis (NIES2175) cells were 

bought from the National Institute of Environmental Studies (Japan). The cells were precultured in a petri dish 

with modified acetate medium (mAC) 72 for 15 days in an incubator with an illumination cycle of light intensity 

of 60 µmol/m2/s for 14 hours, followed by a 10-hour darkness. The temperature in the incubator was kept at 

26 °C while preculturing and culturing the C. zofingiensis cells. For the culture of the cells, the medium was 

supplemented with glucose to reach a final concentration of 20 mg/ml. The cells are incubated in the medium 

with glucose for 0-9 days. The illumination condition was maintained the same as the precultured condition 

above. When conducting label-free multiphoton imaging flow cytometry, cultural cell media were diluted with 

mAC solution to be a cell concentration of 1.0 x 105 cells/ml and added TWEEN 20 to reach a concentration 

of 0.3% in order to prevent aggregation.   

I carried out multiphoton imaging of the C. zofingiensis cells from day 0 to day 9 after the glucose 

supplementation with a laser power of 70 mW on the sample and a pixel duration of 10 µs (equivalent to an 

image capture duration of 100 ms) with the label-free imaging flow cytometer. I obtained 2,000 FWM and 

SHG images of C. zofingiensis cells for each cultural condition (See section 2-3 for detailed information on 

data processing to construct FWM and SHG images on Igor 8.04 and the detail of the image analysis with 

CellProfiler 4.1.3.). Violin plots of the C. zofingiensis cell’s area are shown in Fig. 13 (a). Violin plots are the 

combinations of Kernel density plots and box plots, providing visualizations of the data distributions, its 

probability densities, and its cumulative distributions. In a Kernel density plot, the width of the plot at different 

values indicates the density of the data at those values, with wider areas representing higher density (with more 

data points) and narrower areas representing lower density. Also, the box plot indicates 25th-75th quartiles of 

the data points. It is indicated that the cell size reached a maximum at around day 6 and then reduced. For 

comparison, I acquired bright-field images of the C. zofingiensis cell (Fig. 13 (b)) with a microscope (Leica 

MC 170 HD, Leica microsystems). As evidenced by Fig. 13 (b), the C. zofingiensis cell’s size reached a 

maximum on day 6, which matches the result of the FWM images (Fig. 13 (a)). Fig. 13 (c) is a violin plot of 

the C. zofingiensis cell’s area, which is calculated based on bright-field images with CellProfiler 4.1.3.  

I performed the analysis of bright-field images of C. zofingiensis cells as represented in Fig. 14. Fig. 

14 (a) is a bright-field image of C. zofingiensis cells taken with a microscope (Leica MC 170 HD, Leica 
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microsystems). For the calculation of cell’s size from the image, I changed the original images into gray scale 

images using “ColorToGray” module. Following, I inverted the intensity value of each pixel of the gray scale 

image using the “ImageMath” module. The subsequent steps are the same as the procedures done for 

determining cellular outline with FWM images. Fig. 14 (f) represents the original cell image overlayed with 

cellular outlines (red). Even though a minor discrepancy exists between the average values of the cell areas 

derived from FWM and bright-field images primarily as a result of the limitation of the number of cells 

quantified in bright-field images, the observed similar trends between the Fig. 13 (a) and Fig 13 (c) validated 

that FWM imaging is reliable for the determination of the cell area. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



32 

 

Fig. 13. Changes in C. zofingiensis cell size after glucose supplementation. (a) Violin plots of C. zofingiensis 

cells’ areas derived from FWM images. The dots indicate mean values of cell areas. (b) C. zofingiensis cells 

bright-field images on day 0, 3, 6, and 9 days after glucose supplementation, accordingly. (c) Violin plots of C. 

zofingiensis cells’ areas derived from bright-field images. The dots indicate mean values of cell areas. The box 

plots indicate 25th-75th quartiles of the data points. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Fig. 14. C. zofingiensis’ cellular outline determination from bright-field image. (a) Bright-field image of C. 

zofingiensis cells. (b) Gray scaled image. (c) Intensity inverted image. (d) Background. (e) Background-free 

image. (f) Bright-field image overlayed with cellular outlines (red). 
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3-3. Change in the amount of starch in C. zofingiensis cells 

Fig. 15 (a) presents the violin plots of the sum of SHG signal intensity values on the pixels inside of the C. 

zofingiensis cells whose outlines were recognized based on the FWM images (Detailed information on the 

image analysis was described in section 2-3). The sum of SHG signal intensity values reached a maximum on 

day 6. To verify that the accumulated starch is the source of the SHG signal, I took bright-field images of the 

C. zofingiensis cells stained with a Lugol’s solution (iodine-potassium iodide solution). Regarding the Lugol 

staining, I followed the standard protocol for Lugol staining of intracellular starch 60. The C. zofingiensis cells 

were fixed with 2.5% of glutaraldehyde for 10 mins. After the cell fixation, the cells were washed three times 

and then kept in Dulbecco’s phosphate-buffered saline (DPBS) in a refrigerator at 4 °C until the Lugol staining 

imaging experiment. In the process of Lugol staining, I added Lugol solution (5% of I2 / 10% of KI) into the 

fixed cells solution to be a final concentration of 2% of I2 and 4% of KI, respectively. Then, the cells with 

Lugol solution were incubated for 10 mins. The C. zofingiensis cell imaging with Lugol staining was performed 

with a microscope (Leica MC 170 HD, Leica microsystems) with a 40x magnification objective lens. In regard 

to the Lugol-stained image analysis, in the same manner as the analysis of the bright-field images of C. 

zofingiensis cells, I extracted cellular outlines. Fig. 16 (a) is an image of C. zofingiensis cells stained with 

Lugol. The original image was changed into a gray scale using “ColorToGray” module (Fig. 16 (b)). Next, 

each intensity value on the pixels of the gray scaled image was inverted using the “ImageMath” module. The 

subsequent steps are the same as the procedures done for determining cellular outline with FWM images.  Fig. 

16 (f) represents the original Lugol-stained image overlayed with cellular outlines (red). The total values of 

Lugol intensity inside of cells were computed using the “MeasureObjectIntensity” module. The images of C. 

zofingiensis cells (Day 0, 3, 6, and 9 after glucose supplementation) stained with Lugol are displayed in Fig. 

15 (b). In the images, the iodine-starch interaction turned the color of starch in the cells blue-black 60. As 

evidenced by Fig. 15 (b), the amount of accumulated starch in the C. zofingiensis cells reached a maximum on 

day 6, which is consistent with the result acquired from SHG images (Fig. 15 (a)). For further quantitative 

analysis, I constructed violin plots of the amount of accumulated starch in the C. zofingiensis cells based on 

the bright-field images of the cells stained with Lugol (Fig. 15 (c)). The similarities seen in Fig.15 (a) and Fig. 

15 (b) validate that SHG imaging primarily visualizes the intracellular starch molecules. This capability of 

SHG imaging flow cytometry to visualize non-centrosymmetric materials inside of cells in succession greatly 

expands the applicability of label-free imaging flow cytometry. 
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Fig. 15. Change in the amount of starch in C. zofingiensis cells after glucose supplementation. (a) Violin 

plots of the sum of the SHG signal intensity from C. zofingiensis cells. The dots indicate mean values of 

the sum of the SHG signal intensity. (b) Bright-field images of C. zofingiensis cells stained with Lugol 

(day 0, 3, 6, and 9 after glucose supplementation, correspondingly). (c) Violin plots of the sum of Lugol 

intensity from C. zofingiensis cells. The dots indicate mean values of the sum of the Lugol intensity. The 

box plots indicate 25th-75th quartiles of the data points.   
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Fig. 16. Lugol-stained C. zofingiensis cells image analysis on CellProfiler4.1.3. (a) Bright-field image of 

Lugol-stained C. zofingiensis cells. (b) Gray scaled image. (c) Intensity inverted image. (d) Background. (e) 

Background-free image. (f) Bright-field image overlayed with cellular outlines (red). 
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3-4. Change in the spatial distribution of starch in C. zofingiensis cells 

To better understand the morphogenesis of C. zofingiensis, I performed the FWM and SHG image analysis to 

see how the spatial distribution of starch accumulated in C. zofingiensis cells changes after glucose 

supplementation. The scatter plots of “the fraction of SHG intensity” and the C. zofingiensis cell size in Fig. 

17. “The fraction of SHG intensity” was computed by using the “MeasureObjectIntensityDistribution” module 

on CellProfiler 4.1.3. As a first step in this process, Each C. zofingiensis cell visualized by FWM imaging was 

split into the inner bin (bin 1) and the outer bin (bin 2). Next, the sum of SHG signal intensities in each bin 

was computed to derive “the fraction of SHG intensity” in bin 1 (Fig. 18).  

The scatter plots for day 0 and day 1 are well represented as a single population, which means that 

the cell cycles of C. zofingiensis cells are noticeably uniform after the preculture. From day 2, each scatterplot 

shows two populations, corresponding to mature cells (> 60 µm2) and daughter cells (< 60 µm2). The former 

population (> 60 µm2) has a smaller value of SHG fraction in bin 1 (which indicates that starch exists more 

uniformly inside of the cells), whilst the latter population (< 60 µm2) has a larger value of SHG fraction in bin 

1 (which indicates that starch is more localized around the center of the cells). Additionally, an anti-correlation 

between the SHG fraction and the cell size is observed among the mature cells (cell population with a larger 

cell size). (This anti-correlation is clearly seen on the scatter plot for day 6). The observed anti-correlation is 

accounted for by the hypothesis by Fučíková et al. that more mature cells have multiple parental chloroplasts 

while younger cells contain just a single chloroplast 73. There is another noteworthy finding on the scatter plots, 

which is that the cell population of daughter cells is shifted to Q4 (higher SHG fraction in bin 1) on day 6 and 

day 7. This shift indicates that if mature cells were divided into daughter cells on day 5 and day 6, the 

accumulated starch was more concentrated around the center of the daughter cells, suggesting that the starch 

in the daughter cells is more centrally localized in the case that they are divided from the parental cells 

possessing more numerous (4, 8, and 16) nuclei rather than divided from the parental cells with 2 nuclei 74. 
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Fig. 17. Scatter plots of SHG fraction v.s. the cell area of C. zofingiensis cells from day 0 to day 9 after 

glucose supplementation.   



38 

 

 

Fig. 18. Schematical image of the cell binning.  

 

 



39 

 

3-5. Discussion 

In section 3-1, first, I demonstrated the visualization of cellular morphology and noncentrosymmetric material 

by FWM images and SHG images with the label-free multiphoton imaging flow cytometer that I developed. 

As well as it was obvious from the standard bright-field microscopic images that C. zofingiensis shows 

heterogeneity with respect to cell size, the results of this section indicated that the amount and distribution of 

starch stored in the cells also varies from cell to cell. In this first demonstration of flow cytometry, I performed 

the imaging of C. zofingiensis cells. Because it is known that SHG is also sensitive to other 

noncentrosymmetric materials such as collagen, as well as SHG tag, the label-free imaging flow cytometry has 

great potential for other applications such as the imaging of transformations of extracellular matrix (ECM) of 

spheroid cells 75 and stem cells tagged with nanocrystal SHG tags 52. Although the size of the multiphoton 

image and the pixel resolution are set as 50 x 50 µm2 and 100 x 100 pixels, respectively, during all the 

measurements with the label-free multiphoton imaging flow cytometer in this thesis, both the image size and 

the pixel resolution in the multiphoton imaging flow cytometry can be optimized for the size of the 

measurement objects by controlling the amplitude and the frequency of the 2D-galvanometric scanners.  

Next, the capability of the label-free imaging flow cytometry to determine cell sizes based on FWM 

imaging was demonstrated in section 3-2. The changes in C. zofingiensis cell sizes were caused by the cells’ 

asexual reproduction processes with three phases (growth, ripening, and cell division), and the change could 

be observed by the developed label-free imaging flow cytometer and validated by the bright-field imaging.  

This label-free imaging flow cytometer holds the advantage that the cellular morphological information can 

be obtained via FWM with the same pulse laser source for SHG imaging without any additional light source 

or expensive high-speed camera. For a potential upgrade of the label-free multiphoton imaging flow cytometer, 

electric-resonant FWM imaging can be executed with higher sensitivity (around 50 molecules) 55 using a 

wavelength-tunable pulsed laser. Moreover, by integrating a Michelson interferometer into the label-free 

multiphoton imaging flow cytometer, it becomes feasible to carry out Fourier-transform coherent anti-Stokes 

Raman scattering (FT-CARS) imaging, a technique I have demonstrated in the previous work 76. FT-CARS 

allows for the acquisition of vibrational information from intracellular molecules in a label-free manner. 

Besides, Mahou et al. demonstrated FWM and third-harmonic generation (THG) “microscopy”, which enables 

the acquisition of additional structural information by the 𝛘(𝟑)  mapping via FWM and visualizing the 

distribution of 𝚫 𝛘(𝟑)  53. It is possible that the capability of THG imaging is integrated into the label-free 
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“imaging flow cytometry” by using a collection lens that has high transparency for both NIR (FWM signal) 

and UV (THG signal), a sensitive photodetector for UV and band-pass filters for THG signal.  

In section 3-3, I demonstrated that the label-free imaging flow cytometry can selectively visualize 

accumulated starch in C. zofingiensis cells. According to the obtained results of the changes in cell size and 

the amount of starch, it is suggested that the growing phase continued for around 5 days, and then starch was 

synthesized around day 6 intensively. This SHG imaging flow cytometry solved the problems of the 

conventional method using Lugol, such as its requirement of cell fixation, time-consuming protocol, and the 

effect of intracellular molecules other than starch, such as carotenoids and chlorophyll in bright-field imaging 

(See Fig. 14 (b) for bright-field images of C. zofingiensis cells without Lugol-staining). During the Q&A 

session of my preliminary report presentation, I was asked if SHG imaging cannot distinguish between starch 

and collagen when both are present at the same time, which is correct. This is because the label-free 

multiphoton imaging flow cytometry visualizes noncentrosymmetric materials based on |𝛘(𝟐)|  by SHG 

imaging. In future applications, if there are situations where multiple types of noncentrosymmetric materials 

such as starch, collagen, and myosin exist inside of a single cell, the technique of polarization-resolved SHG 

(pSHG) 77 would be integrated into the multiphoton imaging flow cytometry, which enables to analyze 

elements of  𝛘(𝟐)   tensor for distinguishing such noncentrosymmetric materials. As the most important 

demonstration, finally, I performed the analysis of the evolution of the spatial distribution of accumulated 

starch in C. zofingiensis cells. On the acquired scatter plots based on 2,000 FWM and SHG images for each 

10 cultural conditions, it was observed that the cell population began to divide into two populations from day 

2, that starch is more delocalized in the larger cells (mature cells), and that starch is more centrally localized 

in the newly divided daughter cells on day 6 and day 7. Conventional methods utilized in cellular 

morphogenesis studies 78–81 are limited in their capabilities to perform statistically significant analyses. I 

believe that further statistical microbiological studies using the label-free imaging flow cytometer will 

contribute to more comprehensive understandings of the metabolic system of C. zofingiensis, including how 

the chloroplast-driven photosynthesis and mitochondrial glucose metabolism are interacted and regulated 82. 

As a possibility of the upgrade of the label-free imaging flow cytometer, the introduction of the cell sorting 

system 24 to the label-free imaging flow cytometer, sorting cells based on information obtained from the 

resulting FWM and SHG images and then examining the correlations between phenotypes and genetic 

mutations observed by genetic analysis, is expected to have great potential for medical and microbiological 

studies, as well as industrial applications such as developing more productive cell lines.   



41 

 

4. Summary and outlook  

In this Ph.D. thesis, I developed a new label-free imaging flow cytometry named label-free multiphoton 

imaging flow cytometry for high-throughput imaging of noncentrosymmetric materials in living cells 49. The 

developed multi-photon imaging flow cytometer is based on nonlinear optical imaging of FWM and SHG, 

which provides cellular morphological information and the spatial distribution of intracellular 

noncentrosymmetric materials. The label-free imaging flow cytometer consists of a microfluidic system, a dual 

color (FWM and SHG) imaging system with a 2D-scanning beam, and a fast signal acquisition circuit designed 

for simultaneous detection of FWM and SHG images of flowing cells in the flow cytometer. Consequently, the 

label-free imaging flow cytometer provides FWM and SHG images with a pixel resolution of 100 × 100 pixels, 

a spatial resolution of 500 nm, a field of view of 50 μm × 50 μm, and an intensity depth of 14-bit at a high 

event rate of 4 - 5 eps.  

As the demonstration of the label-free imaging flow cytometry, I performed multiphoton imaging of 

C. zofingiensis cells, which is known as a highly effective producer of valuable materials for bioplastic, biofuel, 

and food. I carried out multiphoton imaging of the C. zofingiensis cells from day 0 to day 9 after glucose 

supplementation into the culture media. From the acquired FWM images, it is observed that the C. zofingiensis 

cells reached maximum sizes at around day 6, which was validated by the comparison of the result from bright-

field images. Next, the change in the amount of accumulated starch in the C. zofingiensis cells from day 0 to 

day 9 was obtained from the SHG images (visualization of starch) and FWM images (visualization of cellular 

outline). It was found that the amount of starch accumulated in the cell reached a maximum at around day 6, 

which is consistent with the result obtained from Lugol-staining imaging. As the most important demonstration, 

lastly, I performed the analysis of how the spatial distribution of accumulated starch changed from day 0 to 

day 9. From the scatter plots based on 2,000 FWM and SHG images for every 10 conditions, it was observed 

that starch was more evenly present in larger mature cells, which is accounted for by the more mature cells 

holding a larger number of chloroplasts. Another noteworthy finding was the starch was more centrally 

localized in the daughter cells on day 6 and day 7, which implies that the starch was more localized if they 

were newly divided from larger parental cells. Conventional methods used in cellular morphogenesis studies 

have limitations in the capability of performing statistically significant image analysis. The newly developed 

label-free multiphoton imaging flow cytometry solved the problem, and it paves the way for further statistical 

microbiological studies, including the metabolic analysis of the interaction of chloroplast-driven 

photosynthesis and mitochondrial glucose metabolism in microbiological cells.  
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Appendix 

Appendix. 1. Igor code used for construction of FWM and SHG images from acquired signals. 

 

TwoDimensionalPlots(pixsize)#pragma TextEncoding = "UTF-8" 

#pragma rtGlovals=3  

w=1functon autoloadwave() 

MultiThreadingcontrol setMode=8 

GBLoadWave/O/B/T={4,4}/w=1 /n=TTL 

GBLoadWave/O/B/T={4,4}/w=1 /n=prefast 

GBLoadWave/O/B/T={4,4}/w=1 /n=signal1wave 

GBLoadWave/O/B/T={4,4}/w=1 /n=SHG 

end 

unction segmentation(TTL0,prefast0,signal1wave0,SHG0,pixsize) 

wave TTL0 

wave prefast0 

wave signal1wave0 

wave SHG0 

variable pixsize 

variable Nwave = dimsize(signal1wave0,0) 

variable Sqpix = pixsize*pixsize 

variable offset = 17 //The delay of the GV scanner 

make/n=(Nwave) /o fast0 

fast0[*] = prefast0[p+offset] 

 

variable samplingnumber=210016 

variable Nimage=(dimsize(TTL0,0)/samplingnumber) 

 

make/n=(Nimage)/o TTLrising 

make/n=(Nimage)/o TTLfalling 

variable i 
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for(i=0;i<(Nimage);i+=1) 

Findlevel /Q/Edge=1R=(i*samplingnumber,((i+1)*samplingnumber)-1)ttl0, 1 

TTLrising[i]= round(V_Levelx) 

Findlevel /Q/Edge=1R=(round(V_Levelx),((i+1)*samplingnumber)-1)/Edge2 ttl0, 1 

TTLfalling[i]=round(V_Levelx) 

endfor 

 

make/0/n=(dimsize(TTLfalling,0)/d St 

make/0/n=(dimsize(TTLfalling,0)/d Ed 

 

St[][] = round(TTLrising[p]) 

Ed[][] = roiund(TTLfalling[p]) 

Matrixtranspose St 

Matrixtranspose Ed 

 

make/n=(pixsize*pixsize,(dimsize(TTLfalling,0)))/d/o fastave 

make/n=(pixsize*pixsize,(dimsize(TTLfalling,0)))/d/o signal1ave 

make/n=(pixsize*pixsize,(dimsize(TTLfalling,0)))/d/o SHGave 

 

MultiThread fastave[][]=faverage(fast0,St[0][q]+p*(Ed[0][q]-

St[0][q]+1)/(pixsize*pixsize),St[0][q]+(p+1)*(Ed[0][q]-St[0][q}+1)/(pixsize*pixsize)-1) 

MultiThread signal1ave[][]=faverage(signal1wave0,St[0][q]+p*(Ed[0][q]-

St[0][q]+1)/(pixsize*pixsize),St[0][q]+(p+1)*(Ed[0][q]-St[0][q]+1)/(pixsize*pixsize)-1) 

MultiThread SHGave[][]=(-1)*faverage(SHG0,St[0][q]+p*(Ed[0][q]-

St[0][q]+1)/(pixsize*pixsize),St[0][q]+(p+1)*(Ed[0][q]-St[0][q]+1)/(pixsize*pixsize)-1) 

 

make/n=(pixsize*pixsize,Nimage,3)/d/o preFWM3d 

make/n=(pixsize*pixsize,3,Nimage)/d/o FWM3d 

 

make/n=(pixsize*pixsize,Nimage,3)/d/o preSHG3d 
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make/n=(pixsize*pixsize,3,Nimage)/d/o SHG3d 

variable scanrange 

scanrange = 50 //[micrometer] 

 

MultiThread preFWM3d[][][0]=p*scanrange/pixsize/pixsize 

MultiThread preFWM3d[][][1]=fastave[p][q]*125 

MultiThread preFWM3d[][][2]=signal1ave[p][q] 

MultiThread FWM3d=preFWM3D[p][q][r] 

 

MultiThread preSHG3d[][][0]=p*scanrange/pixsize/pixsize 

MultiThread preSHG3d[][][1]=fastave[p][q]*125  

MultiThread preSHG3d[][][2]=SHGave[p][q] 

MultiThread SHG3d=preSHG3d3D[p][q][r] 

 

Make/d/o/n=(pixsize*pixsize,3) triplet 

Make/d/o/n=(pixsize*pixsize,3) tripletSHG 

Make/d/o/n=(pixsize*pixsize,Nimage) interpolatedFWMimages 

Make/d/o/n=(pixsize*pixsize,Nimage) interpolatedSHGimages 

 

for(i=0;i<(Nimage);i+=1) 

triplet = FWM3d[p][q][i] 

imageinterpolate/S={0,scanrange/pixsize,scanrange,-

scanrange/2,scanrange/pixsize,scanrange/2}/dest+image_FWM Voronoi, triplet 

STRING FWMdest = "The adress of the distination folder:"+"FWM"+num2str(i)+"tif"  

imagesave /U/DS=32 image_FWM as FWMdest 

 

tripletSGF = SHG3d[p][q][i] 

imageinterpolate/S={0,scanrange/pixsize,scanrange,-

scanrange/2,scanrange/pixsize,scanrange/2}/dest+image_FWM Voronoi, tripletSHG 

STRING SHGdest = "The adress of the distination folder:"+"SHG"+num2str(i)+"tif"  
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imagesave /U/DS=32 image_SHG as SHGdest 

endfor 

 

end 

 

function TwoDimensionalPlots(pixsize) 

variable pixsize 

variable sqpix=(pixsize*pixsize) 

 

autoloadwave() 

wave TTL0 

wave prefast0 

wave signal1wave0 

wave shg0 

segmentation(TTL0,prefast0,signal1wave0,SHG0,pixsize) 

 

wave image_FWM 

 

end 
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Appendix. 2. Multiphoton imaging  

I adopted the raster-scan configuration rather than a wide-field or light-sheet illumination scheme for the multi-

photon imaging flow cytometer because the efficiencies of SHG and FWM is improved under stronger light 

fields by virtue of their nonlinear processes as described in section 2-1 and 2-2. The label-free imaging flow 

cytometer collects SHG and FWM signal from target cells simultaneously using multiple wavelength filters. 

In the SHG process, strong light fields interact with samples and induces second order optical polarization, 

generating a new photon with double energy (double frequency). In contrast, the FWM signal is spectrally 

broadened from the fundamental beam, and spectrally blue-shifted FWM signals are selectively detected with 

a long-pass filter located before the sample and a short-pass filter located after the sample. 
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